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Abstract
ENVIRONMENTAL FACTORS REGULATE THE FATTY ACID CONTENT OF PRIMARY
PRODUCERS AND CONSUMERS IN A FRESHWATER POND IN A WARMING WORLD
Tarn Preet Parmar, Master of Science, 2018

Molecular Science, Ryerson University

Examining the impact of abiotic factors on the fatty acid profile of freshwater organisms is an
important step in predicting the potential effects of climate change. | designed and deployed a
heating system to manipulate the water temperature of a large mesocosm (>300,000 L) within a
pond to simulate future predictions. Heating was observed near the piping system but not
throughout the water column. In a separate experiment, the seasonal and depth-related variance
in biomass and polyunsaturated fatty acids (PUFA) content of aquatic biofilm, grown on
artificial substrates (unglazed ceramic tiles) was examined. Although summer biofilm typically
had higher biomass and higher PUFA yield, fall biofilm typically contained higher PUFA
content (standardized for biomass). Similarly, deeper biofilm accumulated higher organic matter
but contained lower standardized PUFA content. These results suggest that abiotic factors may
play a key role in determining the availability of nutritionally-important fatty acids in freshwater

gcosystems.
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Chapter 1

Aquatic Biofilms and the Abiotic Factors that Affect Quantity and Nutritional Quality in
Freshwater Ecosystems

1.1 General Introduction

Submerged surfaces, unless treated with an anti-microbial agent, will rapidly be
colonized by a wide-range of microorganisms from the surrounding environment. Complex and
diverse assemblages of microorganisms colonizing surfaces have been discovered in fossil
records dating back at least 3.5 billion years (Rasmussen 2000; Westall et al. 2001; Noffke et al.
2013), demonstrating their antiquity. Attached microbial communities can be found in a wide
range of modern day environments including aquatic ecosystems, soil, extreme thermal

environments, man-made water pipes, and within the human body (Donlan 2002).

Unattached and planktonic microorganisms can detect and adhere to a given surface, via
the secretion of a sticky matrix of sugars and proteins, allowing other microbes to attach and
ultimately, leading to an assemblage of cooperating and competing microorganisms (i.e., the
biofilm; Flemming & Wingender 2010). Given their ubiquity, it is not surprising that most
people will recognize the brownish or greenish slimy coat (a common characteristic of these
communities), which is commonly observed on submerged surfaces such as rocks and
boardwalks. Compared to the planktonic mode of life, these embedded microbes are relatively
more protected from grazing predators and environmental stressors while also exchanging
nutrients, metabolites, and genetic material. However, microorganisms in such close proximity
are also competing for external (e.g., light and nutrients) and internal (i.e., gases) resources
(Dang & Lovell 2016). Aquatic scientists acknowledge the importance of these microbial
communities in the function and health of an aquatic ecosystem and have studied these

assemblages for over 100 years (Seligo 1905; Hentschel 1916).

My literature review introduces aquatic biofilms, their biological significance, structure
and member constituents, as well as the abiotic factors that ultimately affect freshwater biofilm
quantity and nutritional quality. First, I review the historical background of attached microbial
communities to provide a working definition that will be applied for the rest of the thesis. Then, I
discuss aquatic biofilms; their general characteristics, the formation process, and interactions

between microbial constituents. | also address the role these communities of microorganisms, as
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a collective entity, play within freshwater ecosystems. | then examine how key abiotic factors
(light, nutrients, and water temperature) and climate warming, in general, may affect the
measurable quantity and nutritional quality of freshwater biofilms. My review concludes with the
main thesis hypotheses and objectives and selected aspects of the application of my work to

aquatic ecosystem science.

1.2 History of the Definition

My literature search revealed that the terminology and definitions used to characterize
attached microbial communities on submerged surfaces has been both inconsistent and
redundant. Seligo (1905) defined microscopic plants and animals living, attached or otherwise,
on plants, stones, logs, specifically, as aufwuchs (German for “surface growth” or
“overgrowth”). Hentschel (1916) also introduced bewuchs to connotate the same microbial
community, however, the description also extended to larger organisms, such as insect larvae.
Willer (1923) suggested a distinction between the two related terms; aufwuchs was to be used for
growth on living substrates while bewuchs was to be used to distinguish growth on dead
substrates. Despite the clear distinction, aufwuchs seemed to be preferred in the literature,
however, it was used to describe complex attached microbial communities growing on any
surface, rather than a specific substrate (Cooke 1956). In general, early terminology had a broad
criterion for classification of organisms and had the potential to overlap in definition; for
example, aufwuchs could include sponges and invertebrates (Ruttner et al. 1953). At the same
time aufwuchs was introduced, attached algae cells were being discovered in ponds and streams
and described as epiphytic, non-parasitic plant growth on plant material (Fritsch 1906; Brown
1908). Consequently, especially in American literature, the word periphyton, was originally
introduced to describe all organisms attached and growing on, specifically, artificially-
submerged surfaces (Behning 1924) but was later altered to include all submerged surfaces
(Behning 1928). The definition of periphyton was later modified to describe a slime-covered
community of organisms growing on a submerged surface (Young 1945), excluding
macroinvertebrates (Reid 1961), and, finally, to only be applied to algal communities attached to

a wide range of surfaces (Round 1984).

Ultimately, by 1983, the definition of periphyton morphed into a broadly-encompassing

term that included a complex community of algae, bacteria, fungi, animals, inorganic and
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organic detritus attached to a surface within an organic matrix of polysaccharides and proteins
(Wetzel 1983). Wetzel’s broad definition of periphyton paralleled the term biofilm, which was
initially used to describe a similar community matrix found in wastewater treatment facilities
(Mack et al. 1975). The terms periphyton and biofilm have since been used interchangeably,
however, periphyton has been typically linked with photosynthetic microorganisms and energy
nutrient dynamics in ecosystems (Saikia 2011). Recognizing the complexity of microbial
communities, my review will apply biofilm as a blanket term to simply refer to structured and
irreversible-attached microbial communities, excluding animals such as the invertebrates that are
otherwise free to move in and out of the structured microbial community. Considering this thesis,
biofilms, in general, are a community of microorganisms (e.g., bacteria, archaea, algae, fungi,
viruses, and protozoa) that are irreversibly (i.e., cannot be easily removed by water flow)
associated with a surface and are enclosed in a polymeric matrix. Specificity, whenever possible,
will be used when referring to biofilm attached to specific substrate including rocks (epilithic),
sandy sediment (epipsammic), muddy sediment (epipelic), and living (epiphytic) and dead

(epixylic) plant material (Mora-Gémez et al. 2016).

1.3 The Biofilm Mode of Life

Genetically (Mah et al. 2003), phenotypically (Favre et al. 2018), and physiologically
(Chao et al. 2010; Dubois-Brissonnet et al. 2016) there are distinct differences between
planktonic cells suspended in media (i.e., not attached to a surface) and cells of the same species
growing within a biofilm. In general, the biofilm mode of life, compared to a planktonic mode,
provides many benefits to the cells within the community including, increased protection from
grazers (Matz et al. 2005; Raghupathi et al. 2017), reduced negative impact from environmental
stressors (Teitzel & Parsek 2003; Emtiazi et al. 2004; Choi et al. 2010; Booth et al. 2011), and
increased genetic diversity due to high rates of horizontal gene transfer, due to cell proximity, via
plasmids (Molin & Tolker-Nielsen 2003; Madsen et al. 2012; Stalder & Top 2016). Cooperative
resource sharing has been demonstrated between peripheral and interior cells within a biofilm
(Liu et al. 2015) and between adjacent biofilm populations (~2 mm apart) of the same species in
nutrient-limited environments (Liu et al. 2017). Communication (via electrical signaling) within
and between biofilm populations allows growth rates to synchronize in an antiphase oscillation
pattern, allowing for maximum growth of both populations (Liu et al. 2017).



On the contrary, the close proximity of microorganisms within a biofilm can result in
increased exploitative and/or interference competition (Rendueles & Ghigo 2015). Indirectly,
certain species can outcompete other microbes for essential nutrients, such as carbon,
phosphorus, and iron (Bradshaw et al. 2002; Weaver & Kolter 2004; Oehmen et al. 2007) or
gases, such as oxygen (Yamamoto et al. 2010). Microorganisms within a biofilm can also
directly compete with other microbes by producing anti-microbial compounds (Yan et al. 2003;
Rendueles et al. 2014), which inhibit communication (Augustine et al. 2010) and adhesion (Kim
& Kim 2009; Rendueles et al. 2011) of competing species. Despite the potential of competition,
diverse and complex multi-species biofilms can be found within a wide range of ecosystems,

including in aquatic ecosystems, highlighting the benefits of living within a biofilm.

1.3.1 Biofilms in Aquatic Ecosystems

Biofilms can be found on a wide range of substrates in all types of aquatic ecosystems
including, freshwater (e.g., shallow wetlands, rivers, streams, lakes and reservoirs), marine (e.g.,
intertidal, subtidal and deep-sea zones), transitional (e.g., estuaries and bays), and groundwater
systems (e.g., aquifers and subterranean springs). Early studies on aquatic biofilms deployed
standard glass slides in various spatial configurations (e.g., vertically or horizontally) to grow
microorganisms in an effort to reduce the variability associated with biofilm growing on natural
substrates (Hentschel 1916). Combined with the advent and growing use of scanning electron
microscopy, the composition and development of these film-forming complex microbiological
communities was revealed (Mack et al. 1975). Subsequently, it was suggested that the type of
surface may influence early cell accumulation and distribution (Terlizzi & Faimali 2010; Pandey
et al. 2014); however, generalizations (see next sections) can be made about the development of

microbes into an aquatic biofilm on a new submerged surface.

1.3.2 Formation of Aquatic Biofilm on Submerged Surfaces

The wide range of microorganisms found in aquatic ecosystems allows for aquatic
biofilms to be composed of a diverse group of constituent members including bacteria, archaea,
eukaryotic algae, cyanobacteria, protozoa, fungi, and multicellular microorganisms (Fig. 1.1).
The diversity of microorganisms within aquatic biofilm is strongly dependent on the local

microbial community, abiotic conditions, biotic interactions, and substrate characteristics



(Besemer 2015). Any solid surface that is submerged in water is, within seconds, covered in a
layer of adsorbed molecules (Baty et al. 1996; Bos et al. 1999), typically consisting of
polysaccharides, proteins, and glycoproteins (Compere et al. 2001; Jain & Bhosle 2009). These
molecules form a conditioning film prior to microbial colonization and their composition and
abundance can influence colonization dynamics (Dang & Lovell 2000; Palmer et al. 2007;
Andrews et al. 2010; Camps et al. 2014). Microbial adhesion occurs immediately after surface
conditioning and typically follows a two-step process: 1) initial reversible adhesion that can be
disrupted with minimal stress, followed by, 2) irreversible adhesion (Characklis & Cooksey
1983). The first reversible adhesion step requires bacterial cells, primarily, to excrete a sticky
matrix of extracellular polymeric substances (EPS; refer to Appendix 1 for a list of
abbreviations), which then conditions the surface for other microorganisms to attach (Mack et al.
1975); an essential step in biofilm community formation (Vu et al. 2009). This primary step is
mediated by weak interaction forces (e.g., van der Waals) and flow-generated shear stress can
readily break these weak forces and disrupt initial adhesion, thereby preventing permanent
adhesion (Thomen et al. 2017). Therefore, water flow (i.e., shear stress) is a key factor in both
steps of adhesion because, although it exposes and mobilizes the accumulation of initial bacterial
cells and facilitates the continued colonization by microorganisms (Abe et al. 2000), it can also

prevent permanent adhesion.

Growth Surface

C’ EPS . Eukaryotic Algae <= Diatoms ©®®®® Cyanobacteria
= Bacteria @ Protozoa Fungi 333 Archaea

Figure 1.1: A schematic representation of a mixed aquatic biofilm on an unspecified growth
surface. The presence and/or abundance of each taxonomic group can depend on the substrate,
environmental, and several abiotic and biotic factors. EPS: extracellular polymeric substances.
Modified from Romani (2010).

Following the initial establishment period, a wide range of microorganisms will continue
to adhere and release EPS, which continues the process towards producing a mature irreversible

biofilm (Barranguet et al. 2004). The type of ecosystem (Oemke & Burton 1986; Sekar et al.

5



2004), microorganisms present (Roeder 1977), and interacting abiotic factors (Horner & Welch
1981; Fairchild & Everett 1988; Bothwell et al. 1993) influence the course of succession and the
final composition of a mature biofilm. As the biofilm community grows, cells continuously
detach through shearing and sloughing (continuous removal of small portions and random
massive removal of biofilm, respectively) via continuous water flow or abrupt disturbances
(Characklis & Cooksey 1983). Although both cell recruitment and detachment occur in a
biofilm, the EPS matrix is the main component that maintains biofilm composition.

The polymeric matrix, composed of EPS as discussed earlier, is crucial in the formation
and maintenance of biofilm as it mediates adhesion to surfaces and other cells and provides
mechanical integrity and stability. Furthermore, its complex structure offers protection from
grazers and environmental stressors, serves as a nutrient and energy-rich store, and forms the
foundation for a cohesive network for cell-to-cell communication (Wotton 2004). As with the
term biofilm, the terminology and definition of EPS has changed through the years. In general,
EPS describes a collection of high-molecular-weight biosynthetic polymers either secreted by
microorganisms, products of cellular lysis, or produced via the hydrolysis of macromolecules
(Wingender et al. 1999). The EPS is highly hydrated and is ~99% water and would collapse if
dehydrated (Cooksey 1992). The organic portion of EPS is composed mostly of polysaccharides
but also includes proteins, lipids, extracellular DNA, nucleic acids, humic substances, and
membrane vesicles (Decho 1990; Flemming & Wingender 2010; Salama et al. 2016). Generally,
the structure of EPS in biofilm communities includes an interwoven, 3D matrix, of fluid channels
that allow transport of nutrients, gases and waste products (de Beer et al. 1994, 1996).
Environmental factors can influence EPS production (Wolfstein & Stal 2002), however, both
bacteria and algae can produce EPS during biofilm maturation (Characklis & Cooksey 1983),
which leads to a biofilm community with both cooperative and competitive interactions among

microorganisms.

1.3.3 Types of Interaction within Aquatic Biofilms

After submerged surfaces have been conditioned, they are rapidly colonized by
microorganisms, including bacteria, archaea, fungi, protozoa, eukaryotic algae, and
cyanobacteria (Frols 2013; Flemming et al. 2016). The latter two photoautotrophs are typically

only present when submerged surfaces are exposed to light although chemoautotrophs may also,
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where the appropriate metabolic substrates are abundant, be present in the absence of light (e.g.,
deep-sea vent biofilms; Sievert & Vetriani 2012). Multi-species biofilms can harbor several
types of interactions including a mutualistic relationship between autotrophs and heterotrophs,
competition between microbes, and multi-trophic level predation.

A key interaction in aquatic biofilms is the symbiotic relationship between autotrophs
(e.g., algae and cyanobacteria) and heterotrophs (e.g., bacteria, archaea, and fungi). In mixed
biofilms, autotrophic and heterotrophic microorganisms are often strongly associated (Romani &
Sabater 1999; Gao et al. 2004; Carr et al. 2005) and create mutualistic relationships, especially in
extreme environments such as Antarctica or even Earth’s lower orbit (Thomas & Dieckmann
2002; Cockell et al. 2011)! The presence of bacteria has been shown to encourage the
recruitment of algal cells into biofilms, and vice versa, (Hodoki 2005) and, once a stable biofilm
has formed, a mutualistic exchange of nutrients between algal and bacterial cells may occur
(Haack & McFeters 1982a; b; Wetzel 1993; Neely & Wetzel 1995). Algal exudates, mainly
carbohydrates (Myklestad 1995), and lysed algal cellular products provide heterotrophic bacteria
with an organic carbon source (Coveney & Wetzel 1989; Wyatt & Turetsky 2015), which
increases bacterial growth within the biofilms (Murray et al. 1986; Espeland et al. 2001). In
return, bacterial cells in biofilms can regenerate essential nutrients, both phosphorus and
nitrogen, which can then be absorbed by autotrophic algae and cyanobacteria (Rier & Stevenson
2002; Carr et al. 2005; Sharma et al. 2005). The importance of these recycled nutrients is evident
in low-nutrient systems, as algal cells may be more reliant on bacteria-mediated recycled
nutrients than nutrients in the water column (Jones & Lock 1993; Rier & Stevenson 2001; Scott
et al. 2008). Tightly-associated communities of algae and bacteria can reciprocally provide
essential gases, especially in thick biofilms where concentrations can reach critically-low levels
near the substrate (Sand-Jensen et al. 1985; Carlton & Wetzel 1987; Jones et al. 2000; Kiihl &
Polerecky 2008). Bacterial-produced carbon dioxide (CO2) can be incorporated in algal cells
resulting in increased algal biomass while algal-produced oxygen can satisfy oxygen
requirements of bacterial communities (Tison & Lingg 1979; Schiefer & Caldwell 1982). The
consumption of oxygen by bacterial cells can also reduce oxygen damage (i.e., reactive oxygen
species; ROS) to algal cells embedded within a biofilm (Mouget et al. 1995).

Although nutrient recycling and gas exchange within a biofilm is essential for overall

biofilm growth and biomass (Mulholland et al. 1995), competition can occur between
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microorganisms. Microorganisms within an aquatic biofilm can compete for nutrients
(Burkholder et al. 1990; Sommer 1996; Mitbavkar & Anil 2007) or release allelopathic
chemicals that either hinder growth or kill other microbes within the community (Juttner & Wu
2000; Leflaive et al. 2008; Leflaive & Ten-Hage 2009). Similar to interaction within the pelagic
ecosystem, aquatic biofilms can also be an arena for higher trophic level interactions such as
protozoa feeding on bacteria and algae (Augspurger et al. 2008; Friih et al. 2011; Risse-Buhl et
al. 2012), rotifers feeding on protozoa, bacteria, and detritus (Augspurger et al. 2008; Dopheide
et al. 2011; Mialet et al. 2013), and nematodes grazing on algae (Majdi et al. 2011). Clearly there
are many types of interactions that can and do occur at cellular levels in an aquatic biofilm,
however, consideration must also be given to the concept that the collective community within a

biofilm can act as a “single organism” and participate in essential ecosystem-wide processes.

1.4 The Role of Biofilms in Freshwater Ecosystems

Aguatic biofilms play an important role in maintaining the health and productivity of
freshwater ecosystems. Freshwater biofilms are composed of a diverse community of microbes
and therefore, are involved in several ecosystem processes, including primary productivity
(Wetzel 1964; Underwood et al. 2005), carbon and nutrient cycling (Paul et al. 1991; Sekar et al.
2002; Dodds 2003; Lyon & Ziegler 2009), and supporting food webs (Simon et al. 2003). Some
of these ecological functions provide crucial ecosystem services to society, for example,
wastewater treatment (Nicolella et al. 2000; Ehlers & Turner 2012), stormwater monitoring and
management (Ancion et al. 2014), and bioremediation (Singh et al. 2006; Pastorella et al. 2012).
Contaminates (e.g., metals) can accumulate within biofilms at higher concentrations than within
water or sediments (Kiffney & Clements 1993; Besser et al. 2001), which can lead to
biomagnification in biofilm grazers (Besser et al. 2001; Farag et al. 2003). This, however, also
provides the opportunity to use biofilms as a critical tool for monitoring contamination in natural
ecosystems (Leguay et al. 2016). Biofilm attachment and growth can also cause problems for
humans, such as biofouling (Flemming 2008), drinking water contamination (Wingender &
Flemming 2011), and microbial-induced corrosion (Videla & Herrera 2005). The following
subsections will focus on three ecosystem processes that are performed by biofilms in freshwater
ecosystems: nutrient dynamics, regulation of submerged vegetation, and energy inputs into food

webs.



1.4.1 Nutrient Cycling

In freshwater systems, nutrients support entire ecosystems as they promote the growth of
the primary producers that form the base of complex food webs. Phosphorus and nitrogen are
essential nutrients required for photosynthetic organisms (e.g., eukaryotic algae, cyanobacteria,
and macrophytes) in freshwater ecosystems, however, high concentrations of these nutrients can
lead to cyanobacterial dominance and subsequent eutrophication (Watson et al. 1997; Downing
et al. 2001). Biofilms contain diverse communities of microbes that, collectively, can be a major
regulator of nutrient dynamics in freshwater ecosystems. Many studies have shown that pelagic
phytoplankton have higher nutrient uptake rates from the water column than biofilm for both
nitrogen (Reuter et al. 1986; Reuter & Axler 1992) and phosphorus (Steinman et al. 1997;
Hwang et al. 1998). However, these studies measured uptake rates and kinetic parameters (e.g.,
half saturation constants [Km]) in short-term laboratory experiments using isolated communities
in bottle incubations. At larger spatial and temporal scales (e.g., mesocosm experiments), biofilm
communities can uptake more added nutrients than phytoplankton (Bjérk-Ramberg 1985;
Mazumder et al. 1989; Hansson 1990; Blumenshine et al. 1997). Mesocosm and whole-lake
experiments were subsequently conducted; auspiciously to confirm the insignificant role of
biofilm water-column nutrient uptake (as compared to uptake by pelagic phytoplankton as seen
in small-scale experiments). However, biofilm was found to sequester more than half of the
added nutrients (Axler & Reuter 1996)!

The importance of water-column nutrients to biofilm has been shown in high-nutrient
systems where inorganic nutrients (which are preferred by biofilm communities rather than the
energetic process of converting the organic forms) are abundant and readily available (Havens et
al. 2001b). Cui and colleagues (2017) introduced 200 naturally-colonized hanging “bio-
contactors” (i.e., 2-meter long structures covered in polyvinylidene chloride fibers to maximize
biofilm attachment and growth) into a mesocosm within eutrophic Lake Seo (South Korea) in an
effort to investigate the ability of biofilm to uptake nutrients and therefore, control cyanobacteria
blooms. The addition of biofilm into the mesocosm was able to successfully prevent the expected
cyanobacteria bloom (observed for the previous 5 years), demonstrated by a 94% reduction in
chlorophyll a (chl a) concentration (Cui et al. 2017). In conclusion, biofilm communities can

compete for bioavailable nutrients in the water column, thus reducing concentrations of nutrients



available for pelagic microbes, however, in nutrient-poor systems biofilm communities may rely

on a different source of nutrients other than the water column.

Although nutrients in the water-column may be the most bioavailable, it is not the only
source of nutrients in freshwater ecosystems. Nutrient concentrations in the pore water between
sediment particles can be 5 - 100x higher than water-column concentrations (Schindler et al.
1987; Hagerthey & Kerfoot 1998; Vadeboncoeur & Lodge 2000). Epipelon (i.e., biofilm
growing on sediment) can use nutrients in the sediment for growth, sequentially reducing the
resulting concentration in the water column (Hansson 1988, 1989). This happens because, during
summer months, anoxic conditions at the sediment-water interface stimulates the release of
inorganic nutrients into the water column (Golterman 1995). In clear low-nutrient or shallow
systems where light can penetrate to the bottom, epipelic algae can super-saturate the sediment
surface with oxygen, immobilizing the release of phosphorus to the overlying water (Carlton and
Wetzel 1988; Woodruff et al. 1999). This can be seen at short time scales as diurnal decreases in
light have led to accelerated nutrient release from the sediment (Carlton & Wetzel 1988).
Biofilm-colonized surfaces embedded into the sediment have been shown to prevent
cyanobacterial blooms by preventing phosphorus from leaching into the water column (Wu et al.
2010). Biofilm communities, whether directly (i.e., higher uptake rates) or indirectly (i.e.,
sequester sediment nutrients), play a large role in regulating the nutrient concentration within
freshwater ecosystems. Biofilm can therefore, indirectly regulate pelagic primary productivity;
however, they can also directly regulate the distribution and primary productivity of submerged

aquatic plants (see next section).

1.4.2 Regulation of Submerged Vegetation

Biofilm communities have the ability to regulate nutrient dynamics in freshwater
ecosystems and prevent detrimental effects associated with excessively high primary
productivity. However, epiphyton (i.e., biofilm growing specifically on living plant material) has
been suggested to have a detrimental effect on the host plant (Sand-Jensen 1977) and may be a
key driver of the abundance and depth distribution of submerged aquatic plants (Phillips et al.
1978; Sand-Jensen & Borum 1984). The presence of epiphyton can shade photosynthetic tissue
of the underlying aquatic plant by reducing light availability by >85% (Sand-Jensen &
Segndergaard 1981) and it can also affect the quality of light (Losee & Wetzel 1983). Biofilm can
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attenuate light between 400 - 500 nm and 650 - 700 nm, and which correspond with the
absorption maxima of chl a and the accessory photosynthetic pigments (Raeder et al. 2010).
Epiphyton may also act as a physical barrier on aquatic plants and prevent the uptake of
inorganic carbon from surrounding water (Sand-Jensen 1977; Jones et al. 2002). Grazing snails
have been shown to reduce epiphyton biomass, benefiting aquatic plants to alleviate the burden
of attached biofilm (Bronmark et al. 1992). The snail-biofilm-aquatic plant interaction is one of
the many potential pathways that facilitate the incorporation of biofilms into other compartments
of freshwater food webs (and see next section).

1.4.3 Energy Input to Food Webs

Primary productivity associated with phytoplankton is usually assumed to form the
photoautotrophic base of freshwater ecosystems, however, biofilm primary production can equal,
and sometimes surpass, that of pelagic phytoplankton (Vadeboncoeur & Steinman 2002).
Benthic invertebrates such snails, caddisflies, crayfish, chironomids, and mayflies, are common

grazers of biofilm (Mazumder et al. 1989; Bronmark et al. 1992; Blumenshine et al. 1997).

Food web models incorporate common biofilm grazers and have suggested the pervasive
and influential role of biofilm in freshwater food webs (Havens et al. 1996). Unlike food web
models, stable isotope analysis can reveal the resource pool (i.e., pelagic phytoplankton versus
biofilm) and its relative contribution in supporting a consumer (Hecky & Hesslein 1995;
Middelburg 2014). Stable isotope analysis of primary producers uses ratios of 3C:*2C (i.e., 8°C
calculated relative to the standard Pee Dee Belemnite) to trace carbon through the food webs
because of the difference in carbon preference between phytoplankton and biofilms.
Phytoplankton discriminately use *C and thus produce a 5'*C ratio between -24 and -38 %o,
whereas biofilm are not as selective and thus have a §*3C ratio between -16 and -30%o (France
1995). Despite its weaknesses (Vadeboncoeur & Steinman 2002), stable isotopes have
demonstrated the importance of biofilm by analyzing §3C in invertebrate grazers (Bunn & Boon
1993; Hecky & Hesslein 1995; Bunn et al. 2003; Lau et al. 2009) and top predators like fish
(Bunn & Boon 1993; Kline Jr et al. 1993; Hecky & Hesslein 1995; Hobson & Welch 1995;
Bootsma et al. 1996; Yoshii 1999; Campbell et al. 2000; James et al. 2000; Vander Zanden &
Vadeboncoeur 2002). The transfer of energy (via organic carbon) between trophic levels

represents a central paradigm in food web studies, however, the transfer of certain nutritionally-
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important compounds, such as essential fatty acids, can be more efficient than bulk carbon

(Gladyshev et al. 2011) and therefore, can be of key importance to trace in freshwater food webs.

1.5 Fatty Acids and Freshwater Ecosystems

In general, fatty acids (FA) are carboxylic acids with an aliphatic (i.e., hydrocarbon) tail;
variation between FA species are determined by carbon number and degree and position of
saturation (i.e., double bond) in the hydrocarbon chain (CBN 1977). At a cellular level, FA have
a wide range of critical functions including energy storage as triacylglycerols (Schonfeld &
Wojtczak 2016), cellular membrane composition as phospholipids (Ibarguren et al. 2014), and
cell-to-cell communication (Glatz & Luiken 2015). Fatty acids can be broadly categorized based
on the number of carbon atoms in the hydrocarbon chain. Short-chain fatty acids (SC-FA)
typically contain one to seven carbon atoms while long-chain fatty acids (LC-FA) are
characterized by >18 carbon atoms. The presence or absence of double bonds in the hydrocarbon
chain can further categorize FA. Saturated fatty acids (SFA) have only single bonds between all
carbons while unsaturated fatty acids (UFA) have single and at least one double bond. The
degree of saturation (i.e., number of double bonds) can be used to further categorize UFA.
Monounsaturated fatty acids (MUFA) contain only one double bond and polyunsaturated fatty
acids (PUFA) contain two or more double bonds. Highly saturated fatty acids (HUFA) are a
subset of PUFA that contain >2 double bonds in an acyl chain with >20 carbon atoms (e.g., Brett
& Miller-Navarra 1997), however, in my review PUFA, the more general term, will be primarily
used. Fatty acids with more than two double bonds (i.e., PUFA) can also be classified according
to the position of the first double bond from the methyl end such that omega-3 (herein referred to
as n-3) and omega-6 (herein referred to as n-6) PUFA have their first double bond at the 3" and

6™ carbon, respectively, from the methyl end.

Fatty acids are commonly referred to in literature using the notion A:Bn-x; where A
represents the total number of carbon atoms, B represents the number of double bonds and x
represents carbon position of the first double bond, relative to the terminal methyl group. For
example, arachidonic acid (ARA,; 20:4n-6) is an omega-6 long-chain polyunsaturated fatty acid
(LC-PUFA) with 20 carbons in its acyl chain, four double bonds, with the first double bond
appearing on the sixth carbon from the methyl end. Independent of its chemical structure,

essential fatty acids (EFA) are classified due to the inability of an organism to biosynthesize an
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adequate quantity of a certain FA to meet physiological needs, and therefore, they must obtain it
from their diet. The term can apply to different FA depending on the focus organism (Parrish
2009), however, in aquatic ecosystems LC-PUFA such EPA (eicosapentaenoic acid; 20:5n-3)
and DHA (docosahexaenoic acid; 22:6n-3) are the most studied EFA due to their importance in
higher trophic levels (discussed later). Fatty acids (e.g., EPA and DHA) are important nutritional
components in freshwater ecosystems as they are mainly produced at the base of the food web

and transferred and retained by higher trophic levels due to their physiological benefits.

1.5.1 Fatty Acid Production in Phytoplankton

Primary productivity supports and influences complex food webs within freshwater
ecosystems (Danielsdottir et al. 2007). In eukaryotic algae, de novo synthesis of FA starts with
their ability to use solar energy to fix CO into carbohydrates, which are further processed into
acetyl-CoA (coenzyme A), a critical precursor for FA synthesis in the chloroplast (Guschina &
Harwood 2006). Through a series of two-carbon chain-elongation reactions in the stroma,
catalyzed by acetyl-CoA carboxylase (ACCase) and fatty acid synthase (FAS), palmitic (16:0)
and stearic acid (18:0) are synthesized (Mishra 2015). These two critical SFA produced in the
chloroplast can be subject to further elongation by elongases or to the addition of double bonds
by highly-specific desaturases. Palmitic acid is typically converted to hexadecatrienoic acid
(16:3n-6), via several soluble desaturases in the stroma, and incorporated into membrane lipids
(Mishra 2015). Stearic acid is converted to oleic acid (18:1n-9) — also within the stroma — but is
then transported to the endoplasmic reticulum to undergo a series of elongation and desaturation
reactions in two possible pathways, an n-3 or n-6, to produce a wide range of PUFA (Guschina
& Harwood 2006). The major difference in the mechanism of FA biosynthesis in cyanobacteria,
a photosynthetic prokaryotes, is that all reactions occur in the cytoplasm of the cell due to the
lack of membrane-bound organelles (Lem & Stumpf 1984). Through a process similar to
eukaryotic algae, cyanobacteria FA synthesis also produces both palmitic and stearic acid (Lem
& Stumpf 1984).

Although there are similarities in the FA synthesis between photosynthetic eukaryotic
and prokaryotic organisms, composition/makeup of individual FA molecules (also called the FA
profile) can vary dramatically between phytoplankton taxa. This principle underlies the use of

FA as indicators of community composition of phytoplankton in both freshwater and marine
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food webs; either by the presence of specific FA (i.e., biomarkers) or their overall FA
composition (Lang et al. 2011; Taipale et al. 2013). For example, multivariate analyses show that
taxonomic groups explain three to four times more variation in FA profiles between classes of
phytoplankton than environmental conditions (Galloway & Winder 2015). In this context,
diatoms generally produce high proportions of PUFA, especially EPA (Kates & Volcani 1966;
Volkman et al. 1989; Ahlgren et al. 1992; Dunstan et al. 1993; Viso & Marty 1993; Patil et al.
2007; Lang et al. 2011). Cryptophytes can also have high proportions of EPA (Ahlgren et al.
1992; Peltomaa et al. 2017) while dinoflagellates (Harrington et al. 1970; Ahlgren et al. 1992;
Mooney et al. 2007; Lang et al. 2011) and chrysophytes (Taipale et al. 2013) can produce high
proportions of DHA. On the contrary, chlorophytes and cyanobacteria generally do not produce
high quantities of EPA or DHA (Guedes et al. 2011; Strandberg et al. 2015). Cyanobacteria
typically contain very low content of FA >C18 (Ahlgren et al. 1992; Iliev et al. 2011; Lang et al.
2011), however, several species have been shown to produce FA < C18 with up to four double
bonds (Parker et al. 1967; Holton et al. 1968; Sallal et al. 1990; Murata et al. 1992; Gugger et al.
2002; Rezanka et al. 2003). Cyanobacteria may not be able to produce PUFA >C18 because they
only possess 4 specific types of desaturate enzymes and can be grouped based on the position of
double bonds (Kenyon et al. 1972; Murata et al. 1992; Chi et al. 2008; Los & Mironov 2015),
however, certain eukaryotic algae have been shown to possess >20 desaturases, all with high
levels of specificity (Li-Beisson et al. 2015). It is evident that there is variation in phytoplankton
FA composition, especially with respect to EPA and DHA, which are important in aquatic
ecosystems considering higher trophic levels depend on their diet to obtain these EFA for

optimal growth and reproduction.

1.5.2 Essential Fatty Acids in Freshwater Pelagic Food Webs

Pelagic phytoplankton are significant sources of carbon to higher trophic levels (Brett et
al. 2009) but their nutritional quality, which can be determined by FA composition, can also play
an important role in regulating higher trophic levels (Kainz et al. 2004). In addition, the FA
composition of higher trophic levels often mirror the FA composition of their diet (Lee et al.
1971; Brett et al. 2006), suggesting the importance of EFA. Finally, two LC-PUFA (EPA and

DHA) are considered essential in aquatic systems as they are required for optimal health in
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higher trophic levels, which has mostly been demonstrated in primary consumers (i.e.,

zooplankton) but do influence all organisms within, and reliant on, aquatic ecosystems.

The influence of EFA on the health of zooplankton has been extensively studied. Early
studies demonstrated certain FA, especially EPA and DHA, were necessary for growth and
reproduction of zooplankton (Conklin & Provasoli 1977; Stettrup & Jensen 1990; Mueller-
Navarra 1995; Muller-Navarra et al. 2000). The model organism, Daphnia, was used to show a
direct link between EPA and zooplankton health by artificially supplementing their diet with
lipid emulsions (Demott & Miller-Navarra 1997; Weers & Gulati 1997; Boersma et al. 2001,
Park et al. 2003) and liposomes (Ravet et al. 2003, 2012; Denoux et al. 2017). EPA has been
identified as the primary limiting PUFA for Daphnia growth (von Elert 2002, 2004; Martin-
Creuzburg et al. 2008) and reproduction (Becker & Boersma 2003, 2005; Wacker & Martin-
Creuzburg 2007). Higher content of EPA are common among field-captured cladocerans while
copepods generally also accumulate DHA, suggesting a higher taxa-specific physiological
requirement of this PUFA (Ballantyne et al. 2003; Kainz et al. 2004; Persson & Vrede 2006;
Smyntek et al. 2008; Ravet et al. 2010; Burns et al. 2011; Gladyshev et al. 2015; Hiltunen et al.
2015). Zooplankton are unable to synthesize linoleic acid (LNA) and a-linolenic acid (ALA),
key PUFA precursors, de novo (Moreno et al. 1979), however, when exposed to stressors (e.g.,
temperature) they can biosynthesize EPA (Koussoroplis et al. 2014) and DHA (Desvilettes et al.
1997a; Koussoroplis et al. 2014) from ALA. In general, low rates (<2 %) of de novo FA
synthesis (Goulden & Place 1990, 1993) and low elongation and desaturation products (Bell et
al. 2007) suggest that biosynthesized quantities are not sufficient for optimal growth (Weers et
al. 1997; von Elert 2002) and, therefore, PUFA demands of zooplankton are suggested to be
mostly met by dietary sources.

As with most vertebrates, PUFA are essential dietary components in maintaining fish
growth and health, especially EPA and DHA (Bell et al. 1986; Lall & Lewis-McCrea 2007;
Tocher 2010). In fish, FA are used for energy storage (released via f-oxidation), reproduction,
membrane structure and function, and hormone production (Tocher 2010). Laboratory studies
have demonstrated that PUFA-enriched zooplankton can increase the growth and survival rates
of freshwater fish (Verreth et al. 1994; Abedian Kennari et al. 2007; Gholami 2010; Fereidouni
et al. 2013). Fish, like all vertebrate, can biosynthesize de novo both palmitic (16:0) and stearic
acid (18:0) in the mitochondria (Sargent et al. 2003) and can also desaturate both to yield 16:1n-
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7 (palmitoleic acid) and 18:1n-9 (oleic acid) in the endoplasmic reticulum (Brenner 1974).
Vertebrates, including fish, lack two omega-3 desaturates (A12 and A15) that prevent them from
converting 18:1n-9 to 18:2n-6 (LNA), and from there, to 18:3n-3 (ALA), a key precursor of EPA
and DHA (Tocher 2003). Early studies based on a limited number of species suggested that
freshwater fish are able to elongate and desaturate dietary LNA and ALA to produce EPA and
DHA, whereas marine fish were not able and therefore, require dietary EPA and DHA (Owen et
al. 1975; Watanabe 1982), however, this generalization may not apply to all fish species. Diet
has, however, been shown to play a key role in FA synthesis in freshwater fish, as rates of
lipogenesis are typically depressed by dietary lipids (Shikata & Shimeno 1994; Shimeno et al.
1995, 1996; Alvarez et al. 2000), and vice versa (Brauge et al. 1995). The role of PUFA within a
pelagic phytoplankton-zooplankton-fish food web has been thoroughly studied, however, the role
of biofilm in PUFA production and transfer has been relatively less studied, despite its

importance to freshwater food webs.

1.5.3 Essential Fatty Acid Production and Transfer in Freshwater Biofilm

In freshwater ecosystems, biofilm microorganisms can belong to the same genus as
pelagic microbes but simply occupy a different ecological niche. As such, a strong relationship
exists between pelagic phytoplankton and algae in biofilms (Sand-Jensen & Borum 1991).
Community composition of both have shown to be highly correlated (Roeder 1977) as planktonic
phytoplankton can settle onto biofilm communities and biofilm microbes can be released into the
water column (Tekwani et al. 2013; Jager & Borchardt 2018). The close relationship between
pelagic phytoplankton taxa and PUFA profiles (as discussed earlier) also exists within biofilm
communities (Mclntire et al. 1969). Biofilm dominated by diatoms tend to have higher PUFA
content, especially EPA (Mclntire et al. 1969; Torres-Ruiz et al. 2007; Sushchik et al. 2010; Guo
et al. 2015) while cyanobacteria-dominated biofilm communities tend to have low EPA and
DHA content but may contain < C18 PUFA, and especially 18:2n-6 (Parker & Leo 1965;
Sushchik et al. 2010; Guo et al. 2015). Similarly, aquatic fungi can produce C18 PUFA,
specifically linoleic and oleic acid (Libkind et al. 2008), which are observed in high proportions
in yeast-dominated biofilm (Timke et al. 2005). Finally, odd-chained FA are an indicator of
aquatic bacteria (Desvilettes et al. 1997b), however, bacterial biofilms can also contain high

proportions of palmitic and vaccenic acid (Chao et al. 2010).
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The transfer of essential PUFA (i.e., EPA and DHA) from biofilm to invertebrate grazers
(Torres-Ruiz et al. 2007; Guo et al. 2016a) has been documented and thus establishing that
biofilm are important components of invertebrate diets (Feminella & Hawkins 1995). PUFA are
important for the growth and development of aquatic insects (Stanley-Samuelson et al. 1988;
Torres-Ruiz et al. 2010). Insect larvae typically accumulate PUFA in their tissues, especially
EPA (Hanson et al. 1985; Bell et al. 1994; Ghioni et al. 1996; Sushchik et al. 2003a; Makhutova
et al. 2011; Guo et al. 2016b) suggesting a high physiological requirement to maintain optimal
health. Some insect larvae have been shown to synthesize LC-PUFA from C18 PUFA precursors
(Hanson et al. 1983; Goedkoop et al. 2007), while other species show a limited ability to
biosynthesize PUFA, especially EPA (Torres-Ruiz et al. 2010). Amphibiotic insects are
important nutritional vectors across the aquatic-terrestrial boundary as they feed and develop as
larvae in aquatic ecosystems but emerge as adult insects into surrounding terrestrial ecosystems.
The comparison of FA profiles of both stages (i.e., aquatic larvae and terrestrial adult) may be
taxa-specific as some families have been shown to be similar (Sushchik et al. 2013) whereas
others seem to differ (Gladyshev et al. 2011; Borisova et al. 2016; Makhutova et al. 2017),
especially when considering EPA and DHA contents. Compared to terrestrial insects, which
typically have little or no EPA and DHA, emerging insects typically have high EPA and DHA
content (Buckner & Hagen 2003; Wang et al. 2006; Hixson et al. 2015). Aquatic emerging
insects also transfer substantial quantities of these LC-PUFA to terrestrial ecosystems
(Gladyshev et al. 2009, 2011a; Borisova et al. 2016; Martin-Creuzburg et al. 2017; Popova et al.
2017), which then provide essential PUFA to riparian predators such as birds (Twining et al.
2016) and spiders (Fritz et al. 2017). It is thus reasonable to suggest that EFA in biofilms are
directly important to aquatic food webs, and indirectly important to surrounding terrestrial food
webs, and therefore, factors that affect biofilm quantity and nutritional quality are important in

determining EFA availability for both ecosystems.

1.6 The Influence of Environmental Factors on Quantity and Nutritional Quality of
Freshwater Biofilms

Biofilms are present in all types of aquatic environments (e.g., freshwater and marine
systems, wetlands, and man-made systems), each with distinct combinations of environmental

factors. Physical (flow rate, light intensity and quality, temperature, oxygen, salinity, etc.),
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chemical (pH, nutrient availability, organic matter composition), and biological (grazing) factors
can influence biofilm development. Light, nutrients, and temperature are critical environmental
factors that can determine the structure, chemical composition, and function of aquatic biofilms
(Mora-Gémez et al. 2016). The following section will discuss important abiotic factors (i.e.,
light, nutrients, and temperature) that affect both the quantity and nutritional quality of
freshwater biofilms, with a focus on their impact on LC-PUFA (e.g., EPA and DHA).

1.6.1 Light

Light is a fundamental abiotic factor for all photosynthetic organisms including those in
aquatic ecosystems (Kirk 1994) and the main predictor for the presence of photoautotrophs in
aquatic biofilms (Park et al. 2008). Photosynthetically active radiation (PAR), the
electromagnetic radiation between 400 and 700 nm, is an important source of energy for
photosynthesis as photosynthetic pigments (i.e., chlorophylls and accessory pigments) have peak
energy absorption in this range (McCree 1981; MGttus et al. 2011). Pelagic phytoplankton can
differ in their pigment composition and therefore, their response to underwater irradiance can be
taxa-specific (Richardson et al. 1983; Langdon 1988). In general, diatoms require relatively low
levels of light while chlorophytes typically require higher levels to dominate phytoplankton
communities (Sheath et al. 1986; Steinman & Mclintire 1987; Langdon 1988). Light generally
increases growth rates of photosynthetic organisms (Dauta et al. 1990) to a certain point, after
which photoinhibition and photooxidation cause growth inhibition and even cell death, at very
high-light intensities (Powles 1984). Light penetration within a biofilm depends heavily on its
structure (e.g., thickness) but generally light irradiance and PAR decreases closer to the substrate
and away from the light source (Meulemans 1987; Dodds 1992; van Dijk 1993; Kihl &
Jorgensen 1994; Dodds et al. 1999). The light intensity experienced by the photosynthetically-
active portion of biofilm proportionally influences the depth at which they grow, such that, the
higher the intensity the deeper photosynthesis can occur (Schnurr & Allen 2015). Although some
algal species can migrate in response to light (Fauré-Fremiet 1951; Round & Eaton 1966), the
effect of light on freshwater biofilm also depends on natural variation in light quantity and

quality.

The underwater light spectra (i.e., light quantity and quality) that aquatic biofilms are

exposed to in freshwater ecosystems can depend on many factors. Terrestrial vegetation (i.e., leaf
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canopy of overhanging trees) can shade and effectively block a significant portion of incoming
irradiation, especially in small ponds and streams (Hill et al. 1995). The characteristics of
surrounding terrestrial vegetation is important in determining light availability for streams
(Davies-Colley & Quinn 1998; Melbourne & Daniel 2003); for example, complex old-growth
forests typically have frequent canopy gaps that increase light availability for stream biofilm
communities (Warren et al. 2013). Logging of adjacent vegetation along a stream can increase
light levels, water temperature, and grazer abundance (Kiffney et al. 2003), however, light was
isolated as the main regulator of biofilm biomass in these types of manipulation studies (Kiffney
et al. 2004). Light is also attenuated and modified through the water column as light is
scattered/absorbed by water, dissolved organic matter, suspended inorganic particles, and pelagic
phytoplankton (Gallegos & Moore 2000). The rate at which light availability decreases with
depth, quantified by light attenuation coefficients (i.e., kq), varies between systems but typically
increases with pelagic nutrient concentrations (Seekell et al. 2015), turbidity (Davies-Colley &

Nagels 2008), and pelagic primary productivity (Schanz 1985).

The photosynthetic rate of biofilm follows a non-linear relationship with light; a linear
increase at low levels of irradiance, a plateau at mid-levels as light becomes saturated and
photosynthesis begins to peak followed by an asymptotic maximum or a decrease at high levels
due to photoinhibition (Hill 1996). In biofilm, photosynthetic saturation typically occurs when
irradiance is between 100 and 400 umol - m 1 - s 1, whereas photoinhibition typically occurs
when irradiance is above 600 umol - m - s "1 (Hill 1996). The irradiance value at which both
photosynthetic saturation and photoinhibition occur depend on the light environment of the
biofilm (Boston & Hill 1991; Hill & Boston 1991; Dodds et al. 1999), however, communities
may also be able to adapt their photosynthetic rates to shading (Mclintire & Phinney 1965). In
well-developed biofilm (i.e., many layers of cells), only algae cells near the biofilm-water
interface may experience photoinhibition, while cells in the layers below remain protected
(Sand-Jensen & Revsbech 1987; Hill & Boston 1991). Biofilm in freshwater ecosystems may
regularly experience irradiance values that may cause photoinhibition due to daily (DeNicola et
al. 1992) and seasonal (Hill & Dimick 2002) variation, however, natural biofilms can produce
protective accessory pigments, like carotenoids, that facilitate their adaptation to changing light
environments (Laviale et al. 2009; Sanchez et al. 2013) and, therefore, the relationship between

light and biofilm biomass is typically positive.

19



In streams, adjacent terrestrial vegetation plays a key role in determining light availability
to freshwater biofilm and therefore influence biomass, usually measured by ash-free dry mass
(AFDW) or chl a content. Several studies have demonstrated substantially higher biofilm
biomass in open sites compared to shaded sites (Lowe et al. 1986; Hill & Knight 1988;
Feminella et al. 1989; Hill & Harvey 1990; DeNicola et al. 1992; Steinman 1992; Bourassa &
Cattaneo 2000; Larned & Santos 2000; Mosisch et al. 2001; Roberts et al. 2004; Proia et al.
2012). In addition, artificially illuminating stream biofilm leads to higher biomass than open
canopy, closed canopy, and artificially-shaded treatments (Wellnitz et al. 1996). Leaves on
overhanging trees not only block irradiance, they also absorb blue (450 - 495 nm) and red (620 -
750 nm) wavelengths (Federer & Tanner 1966), resulting in reduced quantities of high-quality
PAR available for aquatic biofilms (Hill & Dimick 2002). Turbidity, due to small particles, in
streams also reduces light penetration and reduces biofilm biomass (Davies-Colley et al. 1992).
In lakes, adjacent trees affect the light conditions of a relatively small area around the perimeter;
instead, the water column depth and dissolved organic content (humic acids) are the main factors
that influences underwater light spectra available for biofilm. An inverse relationship between
the biomass of pelagic phytoplankton and biofilm in lakes (Hansson 1988, 1992; Sand-Jensen &
Borum 1991; Havens et al. 2001a; VVadeboncoeur et al. 2001) suggests the role of pelagic
phytoplankton in reducing PAR for underlying biofilm communities. In marine habitats, light
intensity may be more important than light quality (Dring 1981; Ploug et al. 1993). Light
manipulation of entire lakes is logistically difficult, however, the positive effect of light on
biofilm biomass has been shown in large experimental channels clear of canopy cover at the
outlet of a lake (Bourassa & Cattaneo 2000).

Biofilm may also experience high levels of ultraviolet (UV) radiation, especially UV-A
(315 - 400 nm) and UV-B (280 - 315 nm), both which can reach several meters below the
surface, especially in clear waters (Karentz & Lutze 1990; Vincent & Roy 1993). Ultraviolet
radiation can inhibit photosynthesis and damage DNA and can reduce biofilm biomass (Bothwell
et al. 1993, 1994; Vinebrooke & Leavitt 1996; Rader & Belish 1997). Biofilm collected from
higher altitudes have lower AFDW, chl a content, and bacterial biodiversity (Bartrons et al.
2012; Wilhelm et al. 2013, 2015), however, these communities typically produce higher levels of
protective accessory pigments (e.g., carotenoids) to mediate damages associated with higher
levels of UV radiation (Vinebrooke & Leavitt 1999). The migratory ability of some epipelic
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microorganisms in response to light (Happey-Wood 1988; Vincent et al. 1993; Serddio et al.
1997) has been proposed as a mechanism to explain the increase in epipelic biomass due to UV-
A radiation (Vinebrooke & Leavitt 1999). The clear positive relationship between light and
biofilm biomass has been examined thoroughly, however, the effect of light on the nutritional

quality of biofilm has only recently begun to be studied.

Light can regulate the presence of algae in biofilm and the overall biomass, however, it
also plays a major role in determining nutritional quality. Light has been shown to have varying
effects on stoichiometry (C, N or P content) of biofilm, ranging from a positive (Qin et al. 2007;
Sanches et al. 2011; Kohler et al. 2012) to a negative effect (Hillebrand et al. 2004), to no effect
at all (Frost & Elser 2002; Hill et al. 2009; Liess et al. 2009). Recently, EFA have been used an
indicator of nutritional quality of biofilm, due to the importance of EPA and DHA for higher
trophic levels. Light plays a role in FA production and has recently been shown to affect the FA
composition of biofilms, including EFA. For example, shaded biofilm exhibited higher
proportions of PUFA compared to biofilm from open sites (Guo et al. 2015, 2016a). High light
levels also tend to increase the overall FA content in biofilm (Cashman et al. 2013). Elevated
light increases the proportion of SFA and MUFA and decrease proportions of PUFA (Hill et al.
2011). In-situ canopy manipulation experiments demonstrate that high light increases MUFA and
<20C PUFA but reduce SFA and, more importantly, reduces the proportion of >20C PUFA such
as EPA and DHA (Cashman et al. 2013). Pelagic phytoplankton exhibit a similar reduction in
PUFA when exposed to high light levels in marine (Thompson et al. 1990, 1993; Mock & Kroon
2002; Leu et al. 2010) and freshwater (Wacker et al. 2016) systems, likely as a mechanism of
photo-acclimatization. In general, low light levels typically increases the proportion of PUFA in
pelagic phytoplankton while high light levels stimulates the synthesis of SFA (Guschina &
Harwood 2006). Light (i.e., open versus shaded canopy) has also shown to have minimal effects
on all measured FA in biofilm (Guo et al. 2016c). However, nutrients may have played a role in
regulating biofilm response to light treatments (briefly discussed in the next section) due to their

role on biofilm growth.

1.6.2 Nutrients

The importance of elemental nutrients, especially phosphorus and nitrogen, for

freshwater pelagic phytoplankton has been thoroughly studied (Hecky & Kilham 1988; Elser et
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al. 1990, 2007). Phosphorus and nitrogen are both essential nutrients as they are constituents in
all cells and are necessary for cell development and growth. Phosphorus plays a key role in
several cellular functions including: storing and transcribing genetics information (i.e., DNA and
RNA), structural membranes (i.e., phospholipids), production of energy (i.e., adenosine
triphosphate (ATP) and nicotinamide adenine dinucleotide phosphate (NADPH)), and regulation
of proteins (i.e., phosphorylation; Lin et al. 2016). Nitrogen is required in the production of
amino acids, the building blocks for all proteins that are vital for cellular function and growth
(Antia et al. 1991). In aquatic ecosystems, the most bioavailable forms of phosphorus are in
orthophosphate ions (PO4%) in solution and are usually quantified as molybdate-reactive (MRP)
or soluble-reactive phosphorus (SRP; Reynolds & Davies 2001). Nitrogen can be found as
ammonium (NHz"), nitrite (NO2") and nitrate (NO3"), all of which are soluble, inorganic, and
bioavailable (Bowden 1987). Typically, phosphorus has been suggested as the limiting nutrient
for primary productivity in freshwater systems (Hecky & Kilham 1988). However, a meta-
analysis revealed that lake phytoplankton and stream biofilm are equally limited (co-limited) by

phosphorus and nitrogen while lake biofilm are more limited by phosphorus (Elser et al. 2007).

Phosphorus and nitrogen are commonly cited as the two most essential nutrients in
freshwater ecosystems, however, other nutrients have been suggested as regulators of biofilm
growth, but to a lesser extent. These include silica (specifically for diatoms-dominated biofilms;
Fields et al. 2014), carbon (Fairchild et al. 1989; Fairchild & Sherman 1993), trace metals
(Wuhrmann & Eichenberger 1975; Winterbourn 1990), magnesium (Song & Leff 2006), and
vitamin B12 (Hoflmann 1990). Determining the direct effect of nutrients on biofilm in natural
systems is difficult due to the influence of a wide range of other mitigating uncontrolled
variables such as light and temperature (Welch et al. 1988; Biggs & Close 1989; Duncan &
Blinn 1989; Hansson 1992; Fairchild & Sherman 1993; Rosemond 1994). However,
supplementation studies have been an essential tool to directly measure the influence of

phosphorus and nitrogen on biofilm (discussed below).

The importance of elemental nutrients on biofilm growth may have first been examined
when three 125-pound bags of commercial fertilizer (with a N:P:K ratio of 4:12:6) were placed
into a river and thick filamentous algae biofilm was observed downstream one year later, while
upstream substrates were barren (Huntsman 1948). In streams, phosphorus increases biofilm

biomass, as indicated by increases in chl a content (Stockner & Shortreed 1978; Horner & Welch
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1981; Horner et al. 1983; Peterson et al. 1985, 1993; Stanley et al. 1990; Winterbourn 1990),
algal cell biomass (Pringle & Bowers 1984; Bothwell 1989; Horner et al. 1990), AFDW (Elwood
et al. 1981), and growth rates (Bothwell 1985). Nitrogen has also been shown, to a lesser extent,
to increase biofilm biomass in streams (Grimm & Fisher 1986; Hill & Knight 1988; Winterbourn
1990; Lohman et al. 1991; Peterson & Grimm 1992). Similarly, both nutrients can dictate
biofilm biomass in lakes (Fairchild et al. 1985; Marks & Lowe 1989, 1993). Few studies have
pinpointed the growth-limiting concentration of phosphorus (Bothwell 1988; Horner et al. 1990)
or nitrogen (Grimm & Fisher 1986; Lohman et al. 1991), however, ambient concentrations tend
to be low suggesting naturally-occurring biofilm communities in freshwater systems are nutrient-
deficient and any enrichment may induce increase in growth. Although not the focus of
enrichment studies in biofilms, phosphorus enrichment may also lead to dominance of
cyanobacteria (Elwood et al. 1981; Fairchild et al. 1985), however, other studies have reported
no change algal composition (Stockner & Shortreed 1978). Interestingly, the interactive effect of
both nutrients can have a synergistic effect on the algal biomass of biofilm (Elser et al. 1990,

2007), especially in high light conditions (discussed below).

In several supplementation studies, the combined effect of phosphorus and nitrogen was
more substantial than the individual effects (Stockner & Shortreed 1978; Pringle & Bowers
1984; Pringle 1987; Stanley et al. 1990; Winterbourn 1990; Burton et al. 1991; Lohman et al.
1991). Despite the importance of both, nutrient enrichment without sufficient light may limit the
manifestation of an effect on overall biofilm growth (Hill & Knight 1988; Winterbourn 1990).
The increase in autotrophic biomass with the addition of both nutrients may be further increased
in high light conditions (e.g., Rosemond 1993; Guariento et al. 2011), suggesting that both light
and nutrients may co-limit algal biomass (Taulbee et al. 2005; Hill & Fanta 2008). Interestingly,
the addition of nutrient and light had a synergistic negative effect on non-autotrophs (Guariento
et al. 2011), which has also been observed with the addition of phosphorus (Scott & Doyle 2006)
and nitrogen (Cook et al. 2007), individually. It is suggested that the nutrient addition in high-
light conditions may alleviate nutrient and light limitation of algal cells leading to a decoupling
of autotrophic/heterotrophic interactions, ultimately leading to nutrient limitation in bacterial
cells (Guariento et al. 2011). The interactive effect of nutrients and light has led to the
light:nutrient hypothesis (LNH), which attempts to determine the balance between light and
nutrients required for phytoplankton (Sterner et al. 1997) and biofilm growth (Fanta et al. 2010).
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Nutrients can evidently increase the overall and algal component of freshwater biofilm, which

can also greatly affect the nutritional quality of biofilm (discussed below).

Biofilm found in nutrient-rich waters typically have lower carbon:phosphorus (C:P) and
carbon:nitrogen (C:N) ratios (Kohler et al. 2012) than biofilm from nutrient-poor waters.
Nutrient enrichment experiments typically demonstrate a reduction of both ratios (Peterson et al.
1993; Stelzer & Lamberti 2001; Hillebrand et al. 2004), suggesting the high incorporation of
both nutrients into biofilms. Nutrients also play a key role in the FA composition of algae, and
therefore, can influence the nutritional quality of algal biofilm. In pelagic algae, high nutrient
levels cause an increase in the content of PUFA-rich galactolipids, while nutrient limitation
results in SFA-rich triacylglycerols (Guschina & Harwood 2006). Field observations on water
nutrient concentration and biofilm FA demonstrate a negative relationship between nitrogen and
SFA and positive relationships with most PUFA (Guo et al. 2015). Laboratory experiments show
phosphorus supplementation decreases SFA and MUFA and increases PUFA proportions (Hill et
al. 2011). Results from an in-situ manipulation experiment were contradictory as added nutrients
had no effect on most FA, except a significant decline in DHA and increase in DHA precursors
(Cashman et al. 2013). Other laboratory studies demonstrated an increase in DHA and other
PUFA in response to nutrient enrichment (i.e., fertilizer; Guo et al. 2016b). There is also some
evidence of an interactive effect of light and nutrients on FA content, especially with essential
PUFA such as EPA and DHA (Guo et al. 2015, 2016a; c). Nutrient supplementation and shaded
conditions (i.e., low light) also increase PUFA contents (Guo et al. 2016a; c). Studying the effect
of nutrients and light, both individually and combined, is essential to understanding the role of

abiotic factors on biofilm quantity and quality in natural systems.

1.6.3 Temperature

Temperature is the final abiotic factor examined in this review and is a critical driver of
metabolism (Clarke & Johnston 1999; Toseland et al. 2013) and growth (Butterwick et al. 2005;
O’Gorman et al. 2016), as well as large-scale nutrient cycling (Friberg et al. 2013; Martinez et al.
2014). The effect of temperature on pelagic phytoplankton has been extensively studied (Eppley
1972; Canale & Vogel 1974; Li 1980; Grimaud et al. 2017), especially in the context of global
warming and understanding and predicting algal blooms (Robarts & Zohary 1987; Joehnk et al.
2008; Paul 2008; Paerl & Huisman 2009; Elliott 2012). Optimal temperature may differ between
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species within each phytoplankton class (Hustedt 1956; Admiraal 1976; Coles & Jones 2000)
and even between strains of the same species (Souffreau et al. 2013). At a cellular level, higher
temperature increases the kinetic energy of reactions involved in photosynthesis (Nielsen &
Jorgensen 1968; Davison 1991). Algal cells tend to alter their carbon-fixing enzyme and light-
harvesting chlorophyll content to compensate for temperature-related changes to enzymatic
activity (Yoder 1979; Rhee & Gotham 1981; Schlesinger & Shuter 1981; Mortain-Bertrand et al.
1988; Thompson et al. 1992). Higher temperatures also typically increase growth rates (i.e., by
reducing doubling times) of bacteria and algae within a biofilm (Bott 1975; Aizaki 1979) and the

entire biofilm communities (Aizaki 1979), which directly determines biofilm quantity.

Primary productivity is more closely related to temperature in stream biofilm than in lake
or ocean pelagic phytoplankton (Morin et al. 1999). In general, it has been suggested that aquatic
biofilms have an optimal growth temperature between 10 and 30°C (DeNicola 1996), however,
freshwater biofilm have been observed to grow in temperatures ranging from 0 to 75°C (Brock
1967; Fogg 1969; Vincent & Howard-Williams 1986). In freshwater streams, maximum biofilm
biomass occurs in spring, fluctuates in summer and fall, with minimal biofilm biomass in winter
(Marker 1976; Moore 1977a; b; Sumner & Fisher 1979; Cox 1990). In freshwater lakes,
maximum biofilm biomass is usually observed in spring and late summer/early fall (Castenholz
1960; Round 1961; Klarer & Hickman 1975; Hickman 1978a; Eloranta 1982), driven by the
optimal combination of temperature, nutrients, and light. Higher water temperatures generally
increase biofilm biomass in both streams (Patrick 1971; Squires et al. 1979; Descy & Mouvet
1984) and lakes (Hickman 1974; Eloranta 1982; Patrick et al. 2012; Tarkowska-Kukuryk &
Mieczan 2012; Cao et al. 2014; Mahdy et al. 2015) due to an exponential increase in
photosynthetic rates as temperature increases (Stanley & Daley 1976; DeNicola 1996). The
increase is observed with temperatures up to the upper thermal range of aquatic microorganisms
(i.e., ~30°C), after which biofilm biomass decreases (Patrick 1971). In studies where temperature
had a negative or no effect on biomass (e.g., Shurin et al. 2012), increased grazing pressure due
to increased temperature (Hillebrand 2009) may mask the direct impact of temperature on
biofilm biomass (Cao et al. 2014). Higher water temperatures have also been shown to increase
community metabolism, measured by respiration rates (Kevern & Ball 1965; Phinney &
Mclintire 1965; Mclntire 1966; Acufia et al. 2008; Rosa et al. 2013). The increase in community

metabolism may explain the positive influence of nutrient supplementation in temperature
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manipulation studies (e.g., Bothwell 1988; Cao et al. 2017). Higher temperatures tend to increase
growth of microorganisms within biofilms, up to a certain extent, where a change in
phytoplankton species composition can often occur in response to temperature changes in
freshwater systems and biofilms.

In pelagic systems, temperature can influence the seasonal succession of pelagic
phytoplankton (Richardson et al. 2000; Fietz et al. 2005; Schabhiittl et al. 2013). In general,
diatoms have lower optimal growth temperatures than other eukaryotic algae and cyanobacteria
(Butterwick et al. 2005; Lurling et al. 2013), partially explaining the dominance of diatoms in
spring and potentially fall and by cyanobacteria in the summer. Seasonal patterns of algae in
biofilms have also been linked with temperature (Castenholz 1960; Gruendling 1971; Hickman
1978b; Moore 1978; Wehr 1981; Seaburg & Parker 1983; Admiraal et al. 1984; Cox 1993;
Griffith et al. 2002), however other interacting abiotic factors (i.e., light and nutrients) confound
clear conclusions about the effect of temperature. Naturally- or experimentally-altered
experiments have shown that higher temperatures (>30°C) tend to cause a microbial community
shift of biofilms towards a cyanobacteria-dominated community (Hickman 1974; Klarer &
Hickman 1975; Wilde & Tilly 1981; Wilde 1982; Lamberti & Resh 1985; Watermann et al.
1999; van der Grinten et al. 2005; Paerl & Huisman 2008; Larras et al. 2013) while diatoms
dominate at lower temperatures (5 - 20°C; Patrick 1971; Klarer & Hickman 1975; Squires et al.
1979; Wilde & Tilly 1981; Lamberti & Resh 1985; Vinson & Rushforth 1989; Watermann et al.
1999; van der Grinten et al. 2005; Larras et al. 2013). Absolute values discussed above can
change between studies (e.g., Patrick et al. 1969) but, generally, these patterns typically hold in
freshwater systems. Warmer temperatures, associated with climate change, may increase biofilm
biomass, however, the shift in species composition and changes in membrane FA proportions

(discussed below) may negatively affect nutritional quality, especially with respect to PUFA.

As discussed, high temperatures can increase growth rates of biofilms, but temperature
can also influence the nutritional quality of the microorganisms and therefore, the biofilm as a
whole. Biofilm collected along a thermal gradient demonstrated that temperature was negatively
correlated with biofilm carbon, nitrogen, and phosphorus content (Moody et al. 2017).
Temperature also plays an important role in the FA composition, a key measure of nutritional
quality, of microorganisms as higher temperature lead to lower proportions of PUFA like EPA

and DHA. Cells respond to changes in temperatures through homeoviscous adaptation; a
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biochemical process which maintains proper membrane fluidity by modifying the proportion of
SFA and PUFA in cellular membranes (Sinensky 1974; Hazel & Williams 1990; Hazel 1995;
Ernst et al. 2016; Fig. 1.2). An increase in temperature fluidizes the membrane and a greater
proportion of SFA are added in an attempt to increase rigidity, resulting in a reduction of PUFA
(Fig. 1.2). Higher temperatures have been observed to reduce PUFA content in phytoplankton
(Teoh et al. 2004; Fuschino et al. 2011; Pasquet et al. 2014) suggesting the negative impact of
temperature on the nutritional quality of biofilm microorganisms. Seasonal variation in
temperature and biofilm PUFA content exist (Sushchik et al. 2010; Honeyfield & Maloney 2015;
Richoux et al. 2018), but the direct effect of temperature is difficult to tease apart from other
abiotic factors. Temperature has been suggested as a potential explanation to differences in the
proportion of SFA and PUFA in biofilm (e.g., Hill et al. 2011; Cashman et al. 2013; Guo et al.
2015), however, the direct effect of temperature on biofilm nutritional quality (i.e., PUFA) has

not been examined thoroughly.

Lower temperature Optimal temperature Higher temperature
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Figure 1.2: Schematic representation of homeoviscous adaptation to different temperatures.
Final proportion of saturated (two straight fatty acids) and unsaturated (one straight and one
kinked fatty acid) represent the changes in fatty acid proportions due to higher and lower
temperatures. Unsaturated fatty acids are substituted in at low temperatures to prevent
rigidification while saturated fatty acids at higher temperatures prevent fluidization of
membranes.

Algae are key microbes in freshwater biofilms that contribute to their nutritional quality,
however, their response to warming temperatures is not fully understood. Warming temperatures
may reduce the overall PUFA proportion as microorganisms adapt to changes in membrane
fluidity, however, the species composition shift towards a cyanobacteria-dominated community
will also reduce PUFA content of biofilm as cyanobacteria typically have little LC-PUFA like
EPA and DHA (e.g., Guedes et al. 2011; Strandberg et al. 2015). Therefore, the nutritional

quality of freshwater biofilm may be significantly reduced with warmer temperatures. The effect

27



of elevated temperature on FA composition in biofilm is not well-understood and merits further

study in the context of climate change.

1.7 Climate Change

Climate change can refer to a multitude of long-term (i.e., decades) patterns in the state of
Earth’s climate, including the frequencies of extreme weather events, frequency and intensity of
droughts, changing precipitation patterns, and global warming (Hartmann et al. 2013). Scientists
have known about the ability of certain atmospheric molecules to absorb radiation reflected from
the surface and re-emit the radiation downwards, warming the lower atmosphere and the surface
since the 1800s (Tyndall 1861; Arrhenius 1896). Recently, during the last two decades, scientists
have accepted the reality and the anthropogenic causes of global warming (Cook et al. 2013,
2016). An overall increase of 0.89°C in global mean surface temperature (GMST) has been
observed between 1880 (i.e., immediately after the Industrial Revolution) and 2012, however, a
0.72°C increase between 1951 and 2012 suggests that warming has accelerated recently
(Hartmann et al. 2013).

The rise in global temperatures is very likely due to the anthropogenic increases of
greenhouse gas emissions as atmospheric concentrations of carbon dioxide (COz), methane
(CHa), and nitrous oxide (N20) in 2011 were 40%, 150%, and 20% greater, respectively, than in
1750 (Hartmann et al. 2013). This increase in atmospheric greenhouse gases is primarily due to
fossil fuel emissions after the Industrial Revolution as current greenhouse gas levels are
unmatched for the last 800,000 years (Ciais et al. 2014). Models predicting future global
temperatures have become more complex (see Zong-Ci et al. 2013), however, most models vary
in their prediction based on future anthropogenic emission rates. The GMST for 2081 - 2100,
relative to 1986 - 2005, is expected to be 0.3 - 4.8°C warmer, depending on the rate of
anthropogenic emissions (Collins et al. 2013). Warming temperatures will affect all ecosystems
(Parmesan & Yohe 2003), however, freshwater ecosystems are especially vulnerable because
they are typically small and shallow, relatively isolated, physically fragmented, usually within
terrestrial landscapes, and heavily exploited by humans (Downing et al. 2006; Woodward 2009).
Freshwater ecosystems are also important biodiversity hotspots; although they only cover 0.8%
of the Earth’s surface, they support an estimated 6% of all described species (Dudgeon et al.
2006)!
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1.7.1 Freshwater Ecosystems and Climate Change

The predicted increase in GMST will also increase water temperatures in aquatic
ecosystems worldwide as surface water temperature typically correlates strongly with air
temperature (McCombie 1959; Morrill et al. 2005). Aquatic ecosystems are expected to have
three main ecological responses to warming temperatures: a) shift of species ranges toward
higher latitudes (Hickling et al. 2006), b) seasonal shifts in life cycle events and trophic
decoupling (Winder & Schindler 2004), and c) reduced body size (Daufresne et al. 2009).
Warming temperatures are directly expected to largely reduce the production of EFA in
phytoplankton globally through cellular adaptation of membranes (Hixson & Arts 2016), which
can be considered as another ecological response. Phytoplankton are the main producers of
omega-3 LC-PUFA, like EPA and DHA, (Hixson et al. 2015) that are essential for both
freshwater and terrestrial food webs, including humans (Zarate et al. 2017). Both homeoviscous
adaption and phytoplankton community shifts are predicted to reduce quantities of essential
PUFA at the base of freshwater food webs, the ecosystem-wide ramifications of which have not

fully been studied.

Controlled and replicated laboratory experiments as well as mathematical models
(Woodward et al. 2010) have shown the potential negative effect of higher temperatures on
PUFA production in phytoplankton, however, additional field and natural experiments are
required to understand the more realistic food web consequences. Analysis of field-collected
samples suggest phytoplankton from cold, high-latitude regions produce a disproportionally
large portion of the global PUFA stocks (Colombo et al. 2016). Surface waters of shallow ponds
have already experienced water temperatures as high as 32.6°C (King City, ON; July 2015; see
Ellen 2017). Furthermore, model predictions indicate a potential increase in the number of
extreme heat days (i.e., number of days >30°C; Fischer & Knutti 2015), which can increase
proportions of phytoplankton SFA and MUFA at the expense of PUFA (Maazouzi et al. 2008).
The temperature-dependent decrease in the proportion of PUFA has been shown in zooplankton
in both laboratory (Masclaux et al. 2012) and field-collection studies (Gladyshev et al. 2011).
Some studies have even used natural thermal gradients along rivers to remove confounding
variables and have observed similar trends in invertebrates (Gladyshev et al. 2016). Despite the

recent studies on the potential effects of climate change on PUFA production in phytoplankton

29



and transfer to zooplankton, little effort has been made to confirm laboratory results in natural

waterbodies.

1.8 Focus of Thesis

My thesis will address two major objectives. The first objective was to measure the
potential impact of climate change and PUFA in freshwater food webs, while the second
objective was to determine the effect of season and water depth on biofilm quantity and

nutritional quality.

The first objective was to provide the first in-situ evaluation of the effects of increasing
water temperature on the, a) production, b) transfer, and, c) re-distribution of essential fatty acids
(e.g., EPA and DHA) in freshwater ecosystems. Climate change studies predict the potential
effects of warming temperatures on freshwater population responses using mathematical models
and laboratory experiments while using field experiments to study community and ecosystem
responses (Woodward et al. 2010). Laboratory results have shown the reduction of PUFA
proportions at warmer temperatures in phytoplankton (e.g., Fuschino et al. 2011; Pasquet et al.
2014) and recent empirical models suggest a 2.5°C increase would cause a worldwide reduction
of EPA and DHA production by 8.2% and 27.8%, respectively (Hixson & Arts 2016). A large-
scale in-situ temperature manipulation, however, would provide a new conceptualization of the
effects of climate change on aquatic ecosystems and critical resources that are required to

maintain the health of aquatic and terrestrial organisms.

In order to determine the effect of temperature on PUFA in natural freshwater systems, |
attempted to warm one half of a shallow pond 4°C above ambient water temperature during the
spring-summer months (Chapter 2). Sample collection would assess the effect of warming on a)
PUFA production in primary producers (phytoplankton and biofilm), b) PUFA transfer through
trophic levels to secondary consumers (zooplankton and insect larvae), and c) PUFA
redistribution to adjacent terrestrial systems via emerging insects. Based on previous laboratory
experiments, | hypothesized that primary producers (i.e., phytoplankton and biofilm) would
produce lower proportions of PUFA, especially EPA and DHA, in the heated treatment. Lowered
production will result in lower PUFA proportions in zooplankton and insect larvae and thus,
emerging insects in the heated treatment would also have had lower PUFA production. The setup

of the in-situ temperature manipulation experiment, subsequent pitfalls, and future considerations
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are discussed in Chapter 2. In summary, the in-situ temperature manipulation experimental setup

did not achieve the intended warming effect.

The second objective of my thesis was to examine the effects of season and water depth
on biofilm quantity and nutritional quality. Abiotic factors (i.e., light, nutrients, and water
temperature) have been shown to affect biofilm quantity and quality, both separately and
interactively. Depth can have varying effects on biofilm biomass, depending on the growth
substrate, however, artificial substrates have been used to show increased biofilm biomass at
shallower depths (Liboriussen & Jeppesen 2006, 2009; Yang & Flower 2012; Sanchez et al.
2013; Schroeder et al. 2013; Kreuzinger-Janik et al. 2015). The effect of grazers and nutritional
quality of biofilm has also been studied in relation to depth. Specifically, abundance of grazers
(e.g., snails, nematodes, rotifers, insect larvae) and the effect of grazing on biofilm can strongly
vary along a depth gradient (Schroeder et al. 2013). Nutritional quality of biofilm, measured by
stoichiometry ratio of carbon:nitrogen:phosphorus (C:N:P) ratios, has also been shown to
increase with increasing water depth (Kahlert et al. 2002). The effect of depth on biomass and
stoichiometry ratios have been examined, however, the nutritional quality (i.e., PUFA content) of
biofilm grown at different depths have not been studied.

In order to determine the effect of depth on the PUFA content and lipid profile of biofilm,
| deployed custom-built biofilm incubators with unglazed ceramic tiles at 6 different depths (25,
50, 75, 100, 125, and 150 cm) below the water surface in a small pond. Biofilm was incubated at
the varying depths for 67 days in the summer months and harvested. Tiles were, then, power-
washed and placed at the same depths for another 67 days and then harvested to capture changes
in the fall months. I assessed biofilm quantity via confocal laser scanning microscope (CLSM),
dry weight (DW), and ash-free dry weight (AFDW). Nutritional quality (PUFA) of biofilm was
assessed using gas chromatography (GC). I hypothesized, based on the literature, that biofilm
quantity and quality would be lower in summer months and as water depth increases. Results
from this experiment may be able to determine the quality as well as the nutritional value of
biofilm at different depths.

The content of this thesis can contribute to future of climate change and provide depth-
related baseline nutritional values for further freshwater biofilm research. The climate change

work can provide recommendations for future field experiments trying to manipulate
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temperature in natural systems. Our biofilm work suggests seasonal and depth-related changes in
biofilm production and nutritional quality. Biofilms do form the base of food webs and future

studies that have successfully manipulated temperature will benefit from examining the change
in PUFA production in freshwater biofilms.
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Chapter 2

Measuring the Effects of Increased Water Temperature on the Production, Transfer, and Re-
distribution of Essential Fatty Acids in Freshwater Wetlands

2.1 Introduction

The potential effects of climate change on several abiotic factors (e.g., temperature, water
availability, carbon dioxide) simultaneously influence the fitness of organisms, both directly and
indirectly, in all ecosystems (Parmesan & Yohe 2003). Freshwater ecosystems are particularly
vulnerable because they are typically small in size (Downing et al. 2006), yet disproportionally
support high biodiversity (Dudgeon et al. 2006) and are heavily exploited by humans for various
ecological goods and services (Woodward 2009). Thus, climate change, especially global
warming, will affect freshwater ecosystems and the management of critical resources
(Kundzewicz et al. 2008).

The GMST for 2081 - 2100, relative to 1986 - 2005, is expected to be 0.3 to 4.8°C
warmer, depending on the rate of anthropogenic emissions (Collins et al. 2013). The predicted
increase in GMST will increase water temperatures in lakes, streams/rivers, and wetlands
worldwide as surface water temperature correlates strongly with air temperature (McCombie
1959; Morrill et al. 2005). Long-term records have confirmed accelerated warming in shallower
waters of deep lakes, especially in summer months (Coats et al. 2006; Hampton et al. 2008).
However, worldwide, freshwater systems are dominated by small (<1 km?) waterbodies
(Downing et al. 2006), which typically respond more quickly to weather conditions than deeper
water bodies (Gerten & Adrian 2001) due to their higher surface-area-to-volume ratio.

In response to warming temperatures, aquatic ecosystems are expected to experience
three main ecological responses: a) shift of species ranges from lower to higher latitudes
(Hickling et al. 2006), b) seasonal shifts in life cycle events and trophic decoupling (Winder &
Schindler 2004), and, c¢) reduced body size (Daufresne et al. 2009). In addition, warming
temperatures have recently also been predicted to reduce the production of n-3 LC-PUFA in

marine and freshwater phytoplankton (Hixson & Arts 2016).

Phytoplankton are the main producers of n-3 LC-PUFA, like eicosapentaenoic acid

(EPA; 20:5n-3) and docosahexaenoic acid (DHA,; 22:6n-3) in freshwater ecosystems (Hixson et
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al. 2015). Specific FA, or the overall composition, can be used to distinguish different taxa of
phytoplankton (Lang et al. 2011; Taipale et al. 2013) as it has been suggested that phylogeny
explains more variation in phytoplankton FA profiles than environmental factors (Galloway &
Winder 2015). In general, diatoms and cryptophytes produce high proportions of EPA while
some chrysophytes and dinoflagellates produce high quantities of DHA (Lang et al. 2011;
Taipale et al. 2013; Galloway & Winder 2015). Chlorophytes and cyanobacteria, on the contrary,
generally produce no or only trace quantities of EPA and/or DHA (Strandberg et al. 2015). The
importance of EPA and DHA has been shown in the health of higher trophic levels including
zooplankton (Gulati & Demott 1997), fish (Bell et al. 1986), terrestrial predators (del Rio &
McWilliams 2016), and humans (Zarate et al. 2017), which explains the scientific community’s
focus on these two particular PUFA. Thus, phytoplankton taxa play a key role in determining
EPA and DHA content, however, temperature changes can also induce adaptive changes in the

composition of FA in phytoplankton.

Homeoviscous adaptation is an essential biochemical adaptation for poikilothermic
organisms (i.e., organisms that cannot control internal temperature) where the FA composition of
cell membranes change in response to temperature to maintain fluidity (Sinensky 1974). The
main characteristic of homeoviscous adaptation is that cell membranes become more fluid when
exposed to higher levels of ambient kinetic energy and more solid when exposed to lower
ambient levels of kinetic energy. The underlying basis for this is that temperature has a
proportional relationship to kinetic energy and, therefore, can directly influence membrane
fluidity. Low temperatures typically lead to the rigidification of membranes while high
temperatures cause fluidization of membranes (Los & Murata 2004). In response to cold
temperatures, cells increase the proportion of PUFA in their membranes to increase fluidity and
maintain proper membrane function (Hazel & Williams 1990). In general, PUFA have lower
melting points than SFA and can remain in a more disordered state at lower temperatures (Ernst
et al. 2016). The increase of PUFA at lower temperatures has been observed in many aquatic
organisms including phytoplankton (Nishida & Murata 1996), invertebrates (Farkas et al. 1984),
and fish (Brooks et al. 2002; Cossins et al. 2002). The increased membrane fluidity associated
with high temperatures is compensated by cells incorporating SFA into their cell membranes,
thus, reducing the proportion of PUFA (Hazel 1995; Oger & Cario 2013). Sterols (e.g.,
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cholesterol) can also play an important role in maintaining membrane fluidity (Crockett 1998)

and increase at higher temperatures in phytoplankton (Ford & Barber 1983; Piepho et al. 2012).

Early studies demonstrated changes in the ratio of PUFA to SFA in response to
temperature changes, typically in marine phytoplankton (Ackman et al. 1968; Mortensen et al.
1988; Thompson et al. 1992b). Sushchik et al. (2003) demonstrated that both prokaryotic and
eukaryotic phytoplankton respond to lower temperatures by producing higher proportions of
PUFA. Similarly, Renaud et al. (2002) demonstrated a decrease in the proportion of EPA and
DHA at higher temperatures in four tropical marine phytoplankton species. Teoh et al. (2004) did
not find a decrease in the overall proportion of PUFA at higher temperatures in six Antarctic
phytoplankton species, however, the one species that did produce EPA demonstrated lower
proportions of that FA at higher temperatures. Pasquet et al. (2014) demonstrated the reduction
of EPA and DHA at high temperatures in a marine diatom. However, some species (e.g.,
Emiliania huxleyi) have been shown to increase PUFA proportions, especially DHA, in response
to warmer temperatures (Bi et al. 2017, 2018), suggesting the possibility of a species-specific
response to temperatures. Some studies have suggested that temperature may have a more drastic
effect on reducing PUFA content in phytoplankton than CO2 concentrations (Bermudez et al.
2015), especially in PUFA-rich Antarctic species (Torstensson et al. 2013). Fuschino and
colleagues (2011) demonstrated an increase in the proportion of SFA to PUFA in multiple lipid
fractions of a common green algae, Scenedesmus obliquus. Specifically, the proportion of ALA
(a precursor of EPA) declined in total lipid and glycerophospholipids (i.e., main components of
biological membranes), demonstrating homeoviscous adaptation in the context of phytoplankton
and climate warming (Fuschino et al. 2011). The effect of higher temperatures on phytoplankton
PUFA has been well demonstrated in laboratory experiments, however, little work has been done

to replicate laboratory studies by simulating climate warming in natural systems.

Controlled laboratory studies can reveal causal relationships between abiotics factors
(e.g., higher temperatures) and biological responses (e.g., PUFA content), however, their limited
realism inevitably simplifies a complex natural study system sometimes leading to
spurious/erroneous conclusions. Mesocosms, experimental enclosures ranging from 1 to several
thousand litres, capture a greater degree of biological complexity/realism and have been used as
an essential tool in measuring community- and ecosystem-level responses to climate change
(Stewart et al. 2013).
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Several studies have used mesocosms to study the effect of warming on freshwater lentic
habitats, however, none have been conducted at a large scale (i.e., >10% L; Stewart et al. 2013).
Whole-system effects of temperature have been studied in the Hengill river basin in Iceland, a
geothermal areas where underground heating (Arnason et al. 1969) produces a network of rivers
with varying temperatures (O’Gorman et al. 2012), which represent a temperature gradient but
cannot be manipulated to a specified temperature difference. At a smaller scale (i.e., <10% L),
freshwater lentic mesocosm studies have successfully manipulated temperature to mimic climate
warming by using various submerged electrical heating elements (Liboriussen et al. 2005;
Burnett et al. 2007; Yvon-Durocher et al. 2010; Greig et al. 2012), air-facilitated overhanging
heating elements (Hines et al. 2013), open-top chambers (Strecker et al. 2004; Netten et al.
2008), greenhouse enclousre (Kankaala et al. 2000; Christensen et al. 2006) and hot water pipes
(McKee et al. 2000; Baulch et al. 2003). These setups have been vital in understanding the
potential effects of warmer temperature on freshwater lentic systems (Stewart et al. 2013). For
example, the temperature-controlled (using hot water pipes) 3200 L open-air setup developed by
McKee et al. (2000) was used to determine the effects of simulated climate change on water
chemistry (McKee et al. 2003; Feuchtmayr et al. 2009) as well as communities of phytoplankton
(Moss et al. 2003; Feuchtmayr et al. 2009), zooplankton (McKee et al. 2002a; Feuchtmayr et al.
2010), macroinvetebrates (Feuchtmayr et al. 2007), macrophytes (McKee et al. 2002b;
Feuchtmayr et al. 2009), fish (Moran et al. 2010; Hopkins et al. 2011), and protists (Montagnes
et al. 2002).

Conclusions from mesocosms experiments have, in some cases, been contradictory. For
example, temperature was suggested to shift phytoplankton communities towards smaller species
(Yvon-Durocher et al. 2011) while others found no effect on size (Moss et al. 2003).
Mesocosms, especially outdoor open-air types, are a good intermediate between laboratory and
natural conditions, however, responses observed in controlled mesocosm experiments can be
completely absent or opposite compared to responses observed in whole-lake or whole-pond
systems (Graham & Vinebrooke 2009). A major caveat associated with using smaller-scaled
mesocosms is that they can differ in important ways from the ecosystem they are meant to
represent. For example, nutrient concentrations can decline in mesocosms due to greater
sedimentation rates and/or uptake by increased biofilm on mesocosm walls and typically require

constant replenishment (Bloesch et al. 1988; Lennon et al. 2003). The stochastic nature of
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deploying in-situ mesocosm may not capture an accurate representation of natural biological
community, however, all mesocosms have the potential to experience shifts in their biological
community during the experiment (Jasser & Kostrzewska-Szlakowska 2012; Dzialowski et al.
2014). Smaller-scaled mesocosm also have a high surface-area-to-volume ratio relative to natural
systems, which can lead to “wall/edge effects” where, for example, organisms that favor edge
habitats increase in biomass and ultimately, the mesocosm community diverges from a pelagic to
more of a littoral-type community (Chen et al. 1997; Carpenter 1999; Petersen et al. 1999;
Dzialowski et al. 2014). Temperature manipulation of a large whole-system has not been
attempted and has been dubbed both “unfeasible” but also inevitably essential in understanding
potential effects of climate warming (Stewart et al. 2013). In summary, mesocosms have been
critical in understanding temperature-mediated responses and the underlying mechanisms,
however, whole-lake/pond manipulations are required to capture realistic responses to higher

temperatures, especially the production of PUFA.

The effect of increasing water temperature on phytoplankton biomass and community
composition has been examined in both marine (e.g., Sommer & Lengfellner 2008; Paul et al.
2015) and freshwater mesocosms (e.g., Moss et al. 2003; Feuchtmayr et al. 2009). In a freshwater
context, field survey studies generally show a negative relationship between water temperature
and zooplankton PUFA (Gladyshev et al. 2013), particularly DHA, content (Gladyshev et al.
2015) due, in large part, to the indirect effect of temperature on community composition
(Gladyshev et al. 2011b). Laboratory experiments have demonstrated PUFA contents as well as
the synthesis of PUFA in freshwater zooplankton to be lower at higher temperature (Masclaux et
al. 2012). Marine mesocosms have been used to show both the negative (Garzke et al. 2016) and
positive (Dahlgren et al. 2011) impacts of temperature on PUFA in zooplankton; however, the
latter study was conducted at relatively lower temperature that may not induce PUFA-dominated
membranes to switch to SFA-dominated membranes (i.e., 5 and 10°C). Production of DHA in
freshwater invertebrates was higher in cold-water sections than warm-water sections of a
thermally-gradient freshwater river (Kalachova et al. 2013), again due to changes in community
composition (Gladyshev et al. 2016).

Recently, scientific interest has peaked with respect to studies that examine the coupling
of aquatic to terrestrial ecosystems (Schulz et al. 2015), and specifically in regards to the transfer

of essential nutrients from freshwater to terrestrial ecosystems (e.g., Borisova et al. 2016;
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Martin-Creuzburg et al. 2017). Amphibiotic insects (i.e., insects that have aquatic larval stages
but have a terrestrial adult stage) are important vectors of EFA across the aquatic-terrestrial
boundary. In particular, the emergence of species from the Chironomidae family (the Diptera
order) has been quantified, both in biomass and PUFA content. The larval forms of different
species have been shown to occupy different ecological niches in a lake and thus assess to
nutritionally-different prey, which explain some differences observed in larval PUFA content
(Makhutova et al. 2017). Species of Chironomidae have been shown to contribute the most to
PUFA export (due to high emergence biomass) in a mid-sized mesotrophic lake (Martin-
Creuzburg et al. 2017) and estimated to export 1.752 mg PUFA - m? - y* in a slightly smaller
oligotrophic mountain lake (Borisova et al. 2016). The average deposition of PUFA by emerging
insects onto terrestrial environments (within 100 m from shore) has been estimated at 150 mg -
m2 -y (Martin-Creuzburg et al. 2017), representing a substantial source of EFA to riparian
predators, higher than previous estimates for EPA and DHA (Gladyshev et al. 2009). In addition,
feeding experiments have clearly demonstrated the importance of these FA subsidies to
terrestrial predators such as birds (Twining et al. 2016) and spiders (Fritz et al. 2017). Therefore,
the potential negative effect of warming temperatures on the PUFA content in larval stages of
invertebrates may lead to a reduced availability of these essential nutrients to both higher aquatic

trophic levels as well as riparian predators.

In this chapter, | describe an in-situ temperature manipulation experiment of a freshwater
pond purposefully designed to examine the effects of higher water temperature on PUFA, a)
production in phytoplankton and biofilm, b) transfer to zooplankton and insect larvae, and, c) re-
distribution to adjacent terrestrial ecosystem via insect emergence. Smaller mesocosm studies
have used underwater pipes (e.g., McKee et al. 2000) and successfully manipulated temperature.
| employed an underwater heating system made of metal and plastics pipes to deliver heat to a
large mesocosm (~300,000 L) within a freshwater pond. Vertical hauls, in several locations
within a treatment, with a water sampler and plankton net captured the overall phytoplankton and
zooplankton community. Ceramic tiles incubated on a submerged incubator platform were used
to collect aquatic biofilm. Finally, insect larvae were collected from the sediment using an
invertebrate sampler (i.e., D-net) and adult insects were collected with a floating insect
emergence trap. In an attempt to capture other physiological and ecosystem responses to

warming, supplementary objectives were also attempted. In order to quantify the effect of a
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warming world on mercury dynamics within a food web and a freshwater system, most
biological samples (mentioned above), along with water and sediment samples, were collected
for mercury analysis. Additionally, the potential effects of warmer temperature on Daphnia
metabolomics (i.e., complete profile of metabolites), using both in-situ and ex-situ methods was
examined by incubating a lab-reared (from a single clonal female) Daphnia magna in submerged

cages.

Based on previous literature, | predicted that the production of PUFA in phytoplankton
and biofilm would be reduced in the warm treatment as microorganisms typically reduce the
proportions of PUFA in their cell membranes in response to warmer temperatures. Zooplankton
PUFA content should therefore theoretically decrease, however, bioconversion of C18-PUFA
precursors may mask temperature-mediated effects. Finally, the PUFA contents in aquatic larvae
and their adult counterparts were both predicted to be lower. In all cases where PUFA content is
predicted to decrease, an increase in SFA, especially at the base of the food web (i.e.,
phytoplankton and biofilm), would suggest homeoviscous adaptation as a possible response
mechanism to warming temperatures. Results from such a large-scaled manipulation experiment
would provide a more realistic assessment of biochemical responses of freshwater communities

to the predicted increase in water temperature as a result of climate warming.
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2.2 Methods

In order to assess the effect of warmer temperatures on PUFA production, transfer, and
re-distribution in freshwater systems, an in-situ manipulation experiment was conducted. A
candidate pond in Whitby, Ontario, Canada was selected in fall 2015 and depth measurements
were taken in December 2015. Measurements were used to design and subsequently build
thermally-insulating curtains to divide the selected pond into sections. An indirect warming
system was developed and built specifically for the selected pond. Curtains and warming system
were deployed in May 2017 and warming (checked via portable temperature loggers) was
attempted until July 2017. No specific permits were required for the described experiment.
Experiment was performed on privately-owned land with prior consent from the landowners
(Peter and Elaine Leigh).

2.2.1 Pond Selection

To screen for a candidate pond within the Greater Toronto Area (Fig. 2.1), a set of
general characteristics, along with Google Earth™, were used. Possible candidate ponds were
selected if: a) their surface area was <3 km?, b) they had no visible surface water connections, c)
there was an established, or at least a potential, supply of electrical power nearby. Within the
search area, >500 potential ponds were located. In-person field surveys of ponds further
narrowed potential ponds that, a) were naturally-formed or a man-made with sufficient
undisturbed time (>10 years) for natural communities to become established, b) were not within
a 1 km radius or immediately “downhill” of an active farming operation, and c) had a confirmed

electrical power supply.

From a few final candidate ponds (<10 ponds), a medium-size mesotrophic freshwater
pond in Whitby, Ontario (43° 59'58.1892" N, 79° 2' 9.9384" W) was selected for the in-situ
manipulation. The pond is ~100 m long and ~17 m wide (2,121 m?) with an average and
maximum depth of 2.92 m and 5.1 m, respectively. Depth measurements were taken in
December 2015 using a sonar depth finder (Cole-Parmer®; Portable Water Depth Sounder
Gauge; RK-99756-40). The pond was divided along a 2 m x 2 m grid and measurements were
taken at all points for most of the pond, after which measurements were taken ~2 m along the

center line for the entire length of the pond.
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Figure 2.1: Search area for our candidate pond in Greater Toronto Area. The red line highlights
the boundaries of the search area, ~2,500 km?. Image captured on Google Maps.

2.2.2 Curtain and Heating System

The selected pond was too large to attempt a whole-system manipulation; therefore, I
attempted to conduct the experiment on a portion of the pond. A portion of the pond (i.e., in-situ
mesocosms) was divided so as to represent ambient, control, and experimental conditions (Fig.
2.2). The ambient area was chosen to account for effects of the curtains and heating system. |
attempted to heat the water in the experimental area to 4°C above the temperature of the control
area to simulate predicted temperatures (as a result of climate warming) for temperate latitudes
by the end of the 21% century (Collins et al. 2013).

The pond curtains that divided the pond into sections were built from polyethylene-
coated tarps (Uline®; Standard Woven Poly Tarps; S-8401) and 0.635-cm thick polyethylene
foam (Uline®; Non-Perforated Foam Rolls; S-1855). The pond curtain was composed of 0.635-
cm thick layer of polyethylene foam “sandwiched” between two layers of polyethylene tarp, held
together with 20-cm black UV-resistant cable zip ties (Commercial Electric®; 8-inch UV Cable
Tie; GT-200STB). The two outside pieces of tarp acted as a physical barrier to prevent water
exchange between the sections while the foam within provided some insulation to prevent heat

transfer from the experimental section. The pond curtains were made based on the curvature of
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the pond (determined by depth measurements), however, an extra 0.6 m length of curtain was
added to the total curtain depth to account for possible increases in water level during the season
(e.g., due to a flood event). To divide the control and experimental area from the ambient area, a
curtain was deployed ~30 m from the West shore (referred herein as shorter curtain), at the
narrowest point of the pond (see vertical curtain in Fig. 2.2). The control and experimental area
were divided into approximately two equal sections (based on volume calculated from depth
measurements) by two curtains (referred herein as longer curtains) with approximately 1 m of
water in-between to minimize heat transfer from the experimental section (see two horizontal

curtains in Fig. 2.2).

An electric pool heater (Consolidated Pool and Spa Industries®; K-Star 5KW Electric
Pool/Spa Heater; K-5-D) and pool pump (Hayward®; MaxFlo™ 0.75 HP Pool Pump;
SP2805X7) were used to attempt to raise the water temperature of the experimental area. An
underground electrical wire was installed by a licensed electrician to supply power (240 V, 30 A)
from the nearby residence to a subpanel near the edge of the pond, where the pool heater and
pump were installed. Hot water generated by the pool heater was pumped through an underwater
piping system at the bottom of the pond, designed to transfer heat conductively to the water
column. The underwater piping system (see white and black lines in Fig. 2.2) was built using
rigid PVC (~5 cm by ~3 m, Schedule 40) and aluminum pipes (~5 cm by 1.5 m, Schedule 40),
where most of the heat transfer was expected around the aluminum pipes spread out through the
experimental area. The PVC pipes were primed (Oatey®; Purple Primer; 30757) and chemically
bond (Oatey®; PVC Cement Rain-R-Shine; 31582) to PVVC adapters (~5-cm PVVC Schedule 40
Female Slip x Male NPT). All aluminum pipes were machine-threaded (Male NPT) on both
ends. Metal and PV C pipe threads were then taped with thread seal tape (Oatey® PTFE Pink
Thread Seal Tape; 31402D) and coated with thread sealant paste (Oatey®; Great White® Pipe
Joint Compound with PTFE; 31233) prior to being screwed into stainless steel adapter (~5-cm
Schedule 40 Female NPT x Female NPT) and tightened by hand using pipe wrenches. The
configuration of plastic male threads with female metal adaptors provided leak-proof

connections between PVC and aluminum pipes for high temperatures and water pressure.
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divided the section into control (top), experimental (bottom), and ambient (right). Pool heater
and pump were installed near the pond (black box with lightning bolt) connected to a radiator-
style heating system composed of alternating PVVC (white lines) and aluminum (black lines)
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2.2.3 Installation

In May 2017, the pond curtains and underwater piping systems were deployed. The
shorter curtain was deployed first to separate the control and experimental sections from the
ambient area. Pool noodles were attached to the top of the curtains to prevent the curtain from
sinking and then the curtains were floated into position. To sink the curtain to the sediment, ~11-
kg of sand was added to polypropylene sandbags and attached, at tightly-spaced intervals (every
~30 — 40 cm) to the bottom of the curtain by folding the sandbag into the curtain and securing it
using several cable ties. The underwater piping system was then floated out into position in the
experimental mesocosm. PVC sewer pipes (~10-cm diameter and ~50-cm height; IPEX
HomeRite Products®; Solid Sewer Pipe; 004043) with a glued cap (together referred herein as
PVC legs) were loosely attached around metal pipes to lift the piping system off the bottom of
the pond to prevent direct heating of the sediment. The underwater piping system was then filled
with residential water and sunk into position. Then both longer curtains that separate the control

and experimental area were deployed, exactly as described with the shorter curtain. Two scuba
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divers attached both longer curtains to the shorter curtain using rope, ensured the curtain was
sunk into the sediment with the sandbags, added sandbags to close large gaps, and ensured that

the PVC legs were horizontal and lifting the piping system off the sediment.

2.2.4 Start of Experiment and Temperature Measurements

The temperature of the pond was monitored hourly using several vertical (i.e., within the
water column) and horizontal (i.e., on the sediment) thermistor chains (Fig. 2.3). I built several
vertically-deployed thermistor chains equipped with submersible temperature data loggers
(Alpha Mach®; iBWetLand; AMO015) that were contained within 50 mL Falcon tubes that were
attached to a rope at set distances. Several holes were drilled into the Falcon tubes to allow water
within the Falcon tube to thermally equilibrate with water outside, minimizing the creation of a
microenvironment (J. Chételat, Environment Canada and Climate Change, pers. comm.).
Vertical thermistor chains were attached to an anchor (i.e., brick) at one end and a buoy (i.e.,
pool noodle) at the other end to prevent slack in the rope. Vertical chains were deployed in three
locations in the control and experimental areas and one location in ambient area (see colored
squares in Fig. 2.3). Data loggers were attached every % meter from the anchor (i.e., bottom of
pond) and the depth of the data logger nearest to the surface was adjusted to be 25 cm from the

surface.

In addition, horizontal thermistor chains were attached to the curtain and data loggers
were attached every meter (2 m in the ambient area) up until the shore. Two horizontal chains
were deployed in both the control and experimental areas, one was deployed attached to the
shorter curtain on the experimental side (see black lines in Fig. 2.3). All temperature
measurements were taken every hour at 0.06°C resolution. Thermistor chain measurements were
not readily accessible, therefore, occasional “real-time” sampling of temperature was done by
lowering a YSI™ Model 600QS near thermistor chain locations. YSI temperature measurements
were taken at noon to prevent canopy cover affecting temperature readings. The pool heater and

pump were turned on June 5, 2017 (official experiment start) and terminated June 28", 2017.
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Figure 2.3: Location of temperature probes durlng experlment Vertical thermlstor chains were
deployed in three locations: corner (green box), middle (red box), and shallow (yellow box) to
represent different depths. Black lines represent the horizontal thermistor chains that were
deployed along the sediment in east (right) and west (left) locations.

2.2.5 Sample Collection

Samples were collected from all three treatments (i.e., ambient, control, and
experimental), unless otherwise specified. Water samples were collected using an integrated
water sampler, which was a depth-marked PVC pipe (~5-cm diameter) attached to a one-way
check valve with a flexible pipe coupling. Pond water was pre-filtered through 51-pum and 28-um
mesh prior to being vacuum-filtered through a 0.2-um polyethersulfone membranes filter
(VWR™; Supor® Membrane Disc Filters; CA28147-978). Filtered pond water (250 ml) was
collected in Milli-Q rinsed Nalgene® PETG bottles (VWR™; 16059-740) and stored at -20°C

until nutrient (phosphorus and nitrogen species) and metal (specifically, aluminum) analysis.

Phytoplankton were sampled weekly using the same integrated water sampler. Collected
water was pre-filtered through a 51-um mesh to remove debris and larger animals. To collect
sample for FA, sterols, chl a, and particulate organic carbon (POC) analysis, 500 mL of mesh-
filtered water was vacuum filtered (<0.5 psi) onto triplicate pre-combusted GF/F filters
(Whatman®; pre-combusted at 450°C for 4 h). For phytoplankton identification, 25 mL of the
pre-filtered pond water was preserved in Lugol’s solution (1% v/v) in a glass vial, which was
covered in aluminum foil and stored in a cool and dark place for microscopic counting.

Zooplankton were also sampled weekly by repeated vertical hauls using a 150-um plankton net.
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Using a stereoscope, zooplankton were picked and partitioned based on broad taxa (i.e.,
cladocerans and copepods) into pre-weighed cryovials for FA analysis. Multiple vertical hauls
for water, phytoplankton, and zooplankton samples were combined from three locations to
collect a representative sample of the treatment. Insect larvae and other macroinvertebrates were
sampled by kick-netting with a D-frame dip net (600 um; Wildco ®; 3-425-D63) along within a
one-metre radius for five-minute intervals. The collected organisms were then picked and
grouped by taxa, then placed in pre-weighed cryovials for FA analysis. To collect biofilm,
unglazed ceramic tiles were incubated on a platform (discussed in detail in Methods of Chapter
3) suspended 25 cm from the water surface. Platforms were deployed in a central location within

the treatment to minimize differences in underwater light climate.

Adult insects were collected using floating emergence traps, which were equally placed
between treatments and two water depths (80 and 150 cm). The traps were composed of fine
mosquito netting mesh overtop a square-pyramid PVC frame supported by pool noodles that kept
the trap afloat (Fig. 2.4). Emerging insects were captured into the removable plastic bottles
connected to the trap. Insects were collected from the bottle and trap using an insect aspirator,
stored at -20°C to limit movement, grouped by taxa, and then stored in cryovials for FA analysis.
All samples for FA analysis were immediately placed at -20°C (in the freezer at the landowner’s

residence) but were transferred on ice (vehicle transport, within 24 h, back to lab) and stored at -

80°C until analysis.

Figure 2.4: Design of floating insect emergence traps. All the compone the traps (A) are
constructed to a (B) fully-built aquatic insect emergence trap. Traps were built using the design
suggested by Cadmus et al. (2016).
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Water samples were collected monthly for mercury analysis using clean-hands dirty-
hands technique outlined by the U.S. Environmental Protection Agency protocol (EPA 1996) and
collected in Nalgene® PETG bottles (VWR™ 16059-740). Samples were acidified to 1% using
trace metal-grade HC1 (VWR™; OmniTrace Ultra™; CAHX0608) within 24 h and stored at
4°C. Sediment samples for mercury analysis were not collected due to the hard-bottom nature of

the pond as core samplers were unable to penetrate the sediment.

Pre-experiment zooplankton hauls suggested Daphnia species were absent in the pond.
Therefore, to examine Daphnia metabolomics, a clone line of D. magna females was cultured (to
control for genetic differences) at Dorset Environmental Science Centre in Hard Combo (Baer
and Goulden 1998; Kilham et al. 1998), a hard-water media (Appendix 2) for freshwater algae
and zooplankton. To prevent the introduction of a zooplankton species into the pond, in-situ
cages were built to incubate Daphnia prior to metabolomics analysis. Briefly, the bottom of a
1.18 L plastic container was cut out and both the top and bottom were covered and sealed with
200-um Nitex® mesh, which allowed phytoplankton to flow through the cages but prevented the
Daphnia from escaping. The cages were suspended horizontally 50 cm from the surface, such
that the top and bottom of container were perpendicular to the sediment. Two cages were
deployed in both the control and experimental section with ~50 D. magna individuals in each
cage. The cages were left untouched for 10 d, after which the Daphnia were removed from the
cages and placed in 1 L mason jars with 51-um filtered pond water for analysis. Live specimens
could be used for in-vivo metabolomics while lyophilized samples were used for ex-vivo analysis

via nuclear magnetic resonance (NMR) and mass spectrometry (MS).
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2.3 Results
2.3.1 YSI Temperature Measurements

Real-time temperature measurements (via YSI) were taken on June 11" and June 20" to
monitor the temperature of the middle area of all three sections of the pond. Measurements taken
on June 11" demonstrated a ~4.5°C increase in water temperature in the experimental section
compared to the ambient section at 3 m deep (Fig. 2.5). Similarly, water temperature in the
experimental section was ~4°C warmer than the control side at 2.5 m deep (Fig. 2.5). On June
20", the experimental section was ~2.5°C and 1.75°C warmer than control (at 2.4 m) and

ambient side (at 2.5 m), respectively (Fig. 2.6).
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Figure 2.5: Temperature measurements (via YSI) of three pond sections on June 11" at varying
depths. All measurements were taken within an hour of noon in the middle of each section.
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Figure 2.6: Temperature measurements (via YSI) of three pond sections on June 20" at varying
depths. All measurements were taken within an hour of noon in the middle of each section.

2.3.2 Vertical Thermistor Chain Temperature Measurements

Vertical thermistor chains were extracted on June 21 and June 28™, at which time data
from iButtons was downloaded and analyzed; only data from June 28" will be presented for
comparison between corner, middle, and shallow locations (Table 2.1). In the corner location
(i.e., deepest points of both ponds), warming of the experimental side did occur 17 d into the
experiment (Fig. 2.7A). At 0.5 m from the bottom, the experimental corner was on average 0.7°C
(maximum 1.2°C) warmer from Julian Day 172 until the end of the experiment. At all other
depths, warming did not occur, and little to no temperature differences were seen between the
control and experimental corner (Fig. 2.7B-E). From Julian Date 158 to 164, the control corner 2
meters from the bottom was on average 0.5°C (maximum 0.7°C) warmer than the experimental
(Fig. 2.7D). In the middle section, temperature varied more between depths than treatments (Fig.
2.8). Through the entire experiment, at 0.5 m from the bottom the control and experimental
middle was on average 2.7°C (max. 4.1°C) and 2.9°C (max. 4.1°C) warmer than the ambient
middle, respectively (Fig. 2.8A). This trend was also observed at 1.0 and 1.5 m from the bottom
but for shorter periods of time (Fig. 2.7B and C). At 0.25 m from the surface, the experimental
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middle was regularly cooler than both the control and ambient middle (Fig. 2.8D). In the shallow

region, both the control and experimental temperature were similar (Fig. 2.9).

Table 2.1: Water temperature data (°C) of vertical thermistor chains of all sections in all

locations at all depths measured. VValues are presented as mean + SD (n).

Location/Depth Ambient Control Experimental

Corner Spot

0.5 m from bottom 20.0 £ 1.3 (549) 20.3 £ 1.4 (549)
1.0 m from bottom 21.1 + 1.6 (549) 21.1+ 1.6 (549)
1.5 m from bottom 21.4 + 1.7 (549) 21.3 £ 1.7 (549)
2.0 m from bottom 215+ 1.7 (549) 21.3 £ 1.7 (549)
0.25 m from surface 22.0 £ 1.8 (549) 22.1 +1.7 (533)
Middle Spot

0.5 m from bottom 18.3£0.8 (534) 21.0 £ 1.6 (534) 21.2 £ 1.6 (534)

1.0 m from bottom
1.5 m from bottom
0.25 m from surface

Shallow Spot
0.5 m from bottom
0.25 m from surface

21.0 £ 1.4 (534)
21.4 £ 1.5 (534)
22.4+ 1.7 (534)

21.3 + 1.6 (534)
21.6 + 1.6 (534)
22.1+ 1.7 (534)

22.4 + 1.0 (403)
22.6 + 1.1 (403)

21.3 + 1.6 (534)
21.6 + 1.6 (534)
21.9 + 1.6 (534)

22.3+0.9 (403)
22.4 +1.0 (403)
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Figure 2.9: Temperature difference between control (black line) and experimental (grey line)
vertical thermistor chains (shallow spot). Subpanels represent different depths; (A) 0.5 m from
bottom, (B) 0.25 m from top.
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2.3.3 Horizontal Thermistor Chain Temperature Measurements

Horizontal thermistor chains were placed below the heating system and only pulled out
after the end of the experiment (June 28"; Table 2.2). In the West location, heating was observed
0 to 4 m from the curtain (Fig. 2.10A-D), while similar temperatures were observed 4, 5, and 7 m
from the curtain (Fig. 2.10E-F and H). At 7 m, the experimental section had consistently lower
temperature than the control section. In the East location, heating was observed at 0 to 4 m from
the curtain (Fig. 2.11A-D), however, to a lesser extent than the West location. Temperatures
were observed 4 and 5 m from the curtain were similar throughout the experiment (Fig. 2.11E-
F). At 6 and 7 m from the curtain, mid-afternoon temperature in the experimental section were

higher, however, temperatures were similar thorough the rest of the day (Fig. 2.11G-H).

Table 2.2: Water temperature data (°C) of vertical thermistor chains of all sections in all
locations at all depths measured. VValues are presented as mean £ SD (n).

Location/Depth Control Experimental
East Transect
0 meters 16.3 £ 0.9 (549) 19.1 + 1.4 (549)
1 meters 11.1 £ 0.3 (549) 19.4 £ 1.4 (549)
2 meters 12.2 £ 0.4 (549) 19.8 £ 1.5 (549)
3 meters 19.2 £ 1.3 (549) 20.3 £ 1.5 (549)
4 meters 20.7 £ 1.6 (549) 20.7 £ 1.6 (549)
5 meters 21.1 + 1.6 (549) 21.1 + 1.6 (549)
6 meters 21.2 + 1.6 (549) 20.7 £ 1.5 (549)
7 meters 21.3 + 1.6 (549) 21.4 + 1.7 (549)
8 meters 21.6 + 1.7 (549) 21.2 + 1.7 (549)
9 meters 21.8 + 1.8 (549) 21.4 + 1.7 (549)
West Transect
0 meters 15.8 + 0.8 (549) 16.5 + 0.7 (549)
1 meters 16.5 + 1.3 (549) 17.6 + 0.9 (549)
2 meters 20.2 £ 1.4 (549) 20.6 £ 1.5 (549)
3 meters 20.5 + 1.5 (549) 21.1 + 1.6 (549)
4 meters 20.9 + 1.6 (549) 21.2 + 1.6 (549)
5 meters 21.2 + 1.6 (549) 21.3 £ 1.7 (549)
6 meters 21.4 £ 1.7 (549) 21.5 + 1.7 (549)
7 meters 21.3 + 1.7 (549) 21.8 + 2.0 (549)
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Figure 2.10: Temperature difference between control (black line) and experimental (grey line)
horizontal thermistor chains (West location). Subpanels represent different distance from curtain;
(A)0,(B)1,(C)2,(D)3,(E) 4, (F) 5, (G)6,and (H) 7 m.
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Figure 2.11: Temperature difference between control (black line) and experimental (grey line)
horizontal thermistor chains (East location). Subpanels represent different distance from curtain;
(A)0,(B)1,(C)2 (D)3, (E) 4, (F) 5, (G) 6, and (H) 7 m.
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2.3.4 Sample Collection

All samples were collected, as scheduled, between June 5" and 28", however, due to the
insufficient heating in the experimental treatment, samples were stored but not analyzed.
Nutrient concentration in the two mesocosms and the ambient section were determined but are
not analyzed or discussed but are presented in Appendix 3.
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2.4 Discussion

Climate change, driven by anthropogenic emissions (Cook et al. 2016), has accelerated
increases in GMST in recent decades (Hartmann et al. 2013). The projected GMST for the end of
the century may be up to 4.8°C warmer, depending on emission levels (Collins et al. 2013).
Water temperature around the globe, similarly, are expected to increase (Collins et al. 2013),
which poses a significant threat to freshwater ecosystems (Woodward et al. 2010). Freshwater
phytoplankton are key producers of essential PUFA, such as EPA and DHA (Hixson et al. 2015),
that are necessary for maintain the health of aquatic and terrestrial organisms (Arts et al. 2009).
Small-scaled laboratory studies have shown the decreased production of PUFA in response to
higher temperatures (Renaud et al. 2002; Sushchik et al. 2003b; Fuschino et al. 2011; Pasquet et
al. 2014), however, the response has not been observed in more complex natural system. Overall,
large-scale temperature manipulation experiments in freshwater systems have not been
conducted (Stewart et al. 2013), but are necessary to confirm responses to higher temperatures
seen in labroatory and mesocosm experiments within the biological complexity of a natural

system.

The objective of this experimental setup was to increase the water temperature of a large
freshwater pond mesocosm (~300,000 L) 4°C above the control mesocosm of similar volume in
order to simulate predicted temperature on a freshwater ecosystem. Large mesocosms were
created by dividing a small pond with several insulating pond curtain to create three large
sections. A PVC/aluminum piping system attached to an electrical pool heater and pump was
deployed 0.5 m from the pond bottom to increase the water temperature of the experimental
section. Multiple temperature measurements demonstrated warming only occurred near the
heating system (i.e., bottom of the pond) but not throughout the entire mesocosm. YSI
measurements taken at 6 and 15 d into the experiment demonstrated a ~4.5°C (Fig. 2.5) and
~4°C (Fig. 2.6) increase in water temperature near the bottom of the pond, respectively. Vertical
thermistor chains were examined to confirm warming, however overall, little to no differences
were seen between control and experimental depths in corner (Fig. 2.7), middle (Fig. 2.8), and
shallow (Fig. 2.9) spots. In the corner spot (i.e., deepest point in the section), the experimental
section (at 0.5 m from the bottom) was on average 0.7°C warmer during the last seven days of

the experiment (Fig. 2.7A), suggesting some warming achieved by the heating system. From
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Julian Date 158 to 164, the control corner 2 m from the bottom was on average 0.5°C warmer
than the experimental (Fig. 2.7D), however, temperatures near the surface were similar (Fig.
2.7E).

The vertical temperature profile of the middle of all three basins were examined (Fig.
2.8). Near the bottom, the middle of the control and experiment section were similar to each
other but warmer than the ambient section (Fig. 2.8A-C). Near the surface, the middle area of the
ambient and control sections was warmer than the experimental middle, especially from noon to
early morning where temperature differences were typically >1°C (Fig. 2.8D). The position of
the experimental section relative to the sun and the overhanging canopy cover may caused the
experimental section to experience less warming from the sun. The middle section of the ambient
and control section would receive more sunlight during near dawn and dusk, respectively. The
shallow regions of both the control and experimental sections, which had similar levels of
shading, showed little differences in temperature (Fig. 2.9). Horizontal thermistor chains
(deployed underneath the heating system) demonstrated warming of the bottom of the pond,
especially near the curtains (Figs. 2.10A-D and 2.11A-D).

Overall, the experimental setup described in this chapter was unable to sufficiently
manipulate temperatures to mimic future climate warming scenarios; heating was observed, at
depth, near the heating system but not throughout the entire water column. Previous studies,
using smaller mesocosms, have used submerged heating elements (e.g., Liboriussen et al. 2005)
or hot water pipes (i.e., McKee et al. 2000) at the bottom of the mesocosms. Water flow
generated by pumps (McKee et al. 2000) or manual stirring with paddles (Liboriussen et al.
2005) was used to prevent a vertical gradient as locally high temperatures were observed near the
mesocosm bottom. However, at a large scale, both of these methods to distribute heat become
unfeasible and were not attempted.

Three major limitations of my experimental setup were the: a) piping system, b)
mesocosm volume, and, c¢) power of pool heater. The indirect method of using a PVC/aluminum
piping system to distribute heat into the pond was chosen to eliminate the effect of exposure to
extremely high temperatures typical of pool heaters. Directly pumping in pond water into the
pool heater, regardless of heat-generating ability, would result in more effective transfer of heat
into the pond. Electrical pool heaters allow water to come in contact with a metal heating
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element and water temperatures within a pool heater can reach 40°C. Therefore, pond organisms
such as phytoplankton and zooplankton would experience substantially higher temperatures than
intended. Although the PVVC/aluminum piping system avoided such unnaturally high
temperatures, heat transfer was insufficient to warm the large volume of water in the
experimental mesocosm. Reducing the volume of the mesocosms may have allowed the same
experimental setup to achieve warming, especially in shallower areas of the pond. Finally, the
power of the heater was limited by the power supply available. Both the pool heater (21A; 240V)
and pool pump (10A; 230V) used required significant power input. The pond was located near a
private residence and was electrically equipped to handle the K-10 and K-15 model, which
required higher amperage of power (42A and 63A, respectively). The combination of all three
factors likely played a major role in heating near the bottom but not throughout the water
column. However, the experimental setup attempted and, in particular, the sampling parameters
and methodology utilized may benefit future studies on planning measurable responses to

warming temperatures in a natural system.

Phytoplankton, biofilm, zooplankton, insect larvae were all collected with the goal of
assessing the effect of warmer temperatures on PUFA production and transfer through an aquatic
ecosystem. Community structure, at all trophic levels, is an important factor to consider both
independently and in combination with FA analysis in the context of climate warming.
Temperature-mediated increases in individual growth rates have the potential to lead to a
temporal mismatch and uncoupling between trophic levels (Winder & Schindler 2004), which
can be detected by examining community structures of several trophic levels. Elevated
temperatures also shift entire communities of phytoplankton and zooplankton communities
towards smaller and fast-growing species (Rasconi et al. 2015, 2017). For example the predicted
dominance of PUFA-poor cyanobacteria at the base of an aquatic food web as the climate heats
up (Paerl and Huisman 2008) has the potential to reduce the bioavailability of EFA in all aquatic
trophic levels. This effect may also cross the aquatic-terrestrial boundary as emerging insects

represent an important EFA source for terrestrial predators.

Sorting of most trophic level by taxa, prior to FA analysis, is an important step to
determine the taxa-specific effects of higher temperatures as differences between FA profiles
have been demonstrated between orders of zooplankton (e.g., Persson & Vrede 2006; Smyntek et
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al. 2008; Burns et al. 2011), insect larvae species (e.g., Makhutova et al. 2017), and orders of
adult insect (e.g., Martin-Creuzburg et al. 2017).

Most samples collected for FA were intended to be lyophilized prior to analysis,
however, recent advances in NMR spectroscopy (Bastawrous et al. 2018) has allowed the
analysis of contaminant-induced sub-lethal effects on D. magna metabolites and the potential
biochemical processes that may be affected (Kovacevic et al. 2018; Wagner et al. 2018).
Although samples were not analyzed, the cage methodology of incubating lab-grown D. magna
allowed most individual to survive and therefore, in-vivo analysis of Daphnia metabolomics
could have provided a novel technique of measuring the effects of climate warming.

Water sampling was essential in examining the effect of higher water temperatures on nutrients
and contaminates that biological samples were exposed to in the water column. Higher
temperatures increase phosphorus release directly from sediment, as well as indirectly by
increasing biological activity at the sediment-water interface (Jiang et al. 2008). Higher nutrient
availability in the water column may also support the domination of cyanobacteria in freshwater
ecosystems. Similar to nutrients, methyl mercury production and release into the water column
also increase with warmer temperatures (Wright & Hamilton 1982). Increasing temperatures
have also been shown to increase the rate of mercury accumulation in rainbow trout (Salmo
gairdneri; MacLeod & Pessah 1973). This is particularly concerning for humans as rainbow trout
are the major fish species produced in lake-based net pens in Ontario (Moccia & Bevan 2018).
Lake-based aquaculture has demonstrated to benefit feral fish populations by increasing
productivity (Mills et al. 2008), however, warmer temperatures in the future may also increase
mercury concentrations in a commonly-eaten fish, which has known negative effects in humans
(Mozaffarian 2009). Although the main objective of this study was to examine the ecological

impacts of warming temperature, potential consequences to humans are plausible.

The effects of climate change on freshwater ecosystems have been studied in laboratories
and small-scale mesocosm experiments, however, large-scale experiments encompass biological
complexity that cannot be replicated at smaller scales. The difficulty of manipulating
temperature at a large scale is evident due to the lack of studies in the literature. The usage of a
PVC/aluminum piping system 0.5 m above the sediment did not successfully warm the
experimental section 4°C above the control section, however, future studies may successfully

manipulate temperature in a natural system using a higher capacity heater and/or smaller pond
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area/volume. In a non-residential area, propane tanks provide good alternative for a high-energy
heater. For example, Budy (Utah State University, pers. comm.) and colleagues have initiated a
climate change experiment in 4 lakes (two controls and two experimental) in Alaska to examine
the effects of warming on freshwater organisms. In the experimental ponds, a swimming pool
heater attached to several large propane tanks (650-pound) takes in lake water, warms it up to
~30°C and circulating it back into the lake to increase the experimental ponds ~4°C above
control water lake water temperatures. A commercial SolarBee® solar-powered mixer also
mixes the lake water, distributing the heat thorough the water column. The experimental setup
described was ultimately successful in warming up the experimental lakes, however,
physiological effects associated with microorganisms entering the heaters remain unknown.
Regardless of the methods, temperature manipulation experimental designs all have benefits and
drawbacks, however, the experimental results presented in this chapters may potentially be used
in future experimental designs that attempt to warm waterbodies indirectly in order to conduct an

in-situ temperature manipulation experiment.
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Chapter 3
Seasonality and Depth Influences the Quantity and the Nutritional Quality of Aquatic Biofilm

3.1 Introduction

In freshwater ecosystems, aquatic biofilm can represent a large portion of the primary
productivity; in some cases, more than pelagic phytoplankton (VVadeboncoeur & Steinman 2002).
Similar to pelagic phytoplankton, aquatic biofilms are involved in several ecosystem processes,
such as elemental nutrient cycling (Paul et al. 1991; Lyon and Ziegler 2009) and providing
energy input at the base of food webs (Simon et al. 2003). Stable isotope tracer studies have
demonstrated the importance of biofilms to invertebrates (Lau et al. 2009) and fish (Vander
Zanden & Vadeboncoeur 2002). The nutritional quality of biofilm to its consumers has also been
assessed using stoichiometric ratios of carbon, nitrogen, and phosphorus (e.g., Hillebrand et al.
2004; O’Brien & Wehr 2009). And, FA, due to their importance to grazers, have been used as
another indicator of nutritional quality (Saikia 2011; Guo et al. 2016b). Therefore, abiotic factors
(e.g., temperature, light, and nutrients) that can potentially influence the biofilm quantity and

more recently, FA composition continues to be the focus of investigation (e.g., Guo et al. 2016b).

Abiotic factors, such as temperature, underwater light spectra, and nutrients have been
shown through manipulative studies, independently and interactively, to influence biofilm
quantity and FA content (see Chapter 1). Temperature generally increases biofilm biomass in
streams (e.g., Descy & Mouvet 1984) and lakes (e.g., Mahdy et al. 2015), up to a certain thermal
limit (Patrick 1971). The effect of temperature on the FA composition of biofilm has not been
directly studied, although stream-collected biofilm from summer (i.e., warmer temperatures)
typically lead to a higher proportion of SFA and lower proportions of PUFA (e.g., Guo et al.
2015). Similar to studies on pelagic phytoplankton, colder temperatures (observed in fall and
winter) causing cells to undergo homeoviscous adaptation, which shifts membranes towards
being PUFA-dominated in an effort to maintain fluidity (Sushchik et al. 2004). Elevated light
levels typically increases biofilm biomass (e.g., Wellnitz et al. 1996), especially algal cells in the
community, however, it has also been shown to decrease PUFA content of the community
(Cashman et al. 2013). Nutrients (i.e., phosphorus and nitrogen) are essential for cell growth and
increase biofilm biomass in streams (e.g., Stockner & Shortreed 1978) and lakes (e.g., Marks &
Lowe 1993), as well as increase the proportion of PUFA (Hill et al. 2011; Guo et al. 2016c). The
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abiotic factors discussed above vary seasonally (Rosemond 1994), which can strongly influence

aquatic biofilm growing in natural systems.

Seasonal variability in the quantity of aquatic biofilm has been demonstrated using both
artificial and natural substrates and with reference to the changing abiotic factors that are
observed between seasons (Rosemond 1994; McCormick et al. 1997; Godwin & Carrick 2008).
The optimal combination of nutrients, light, and temperature in freshwater systems typically
produces maximum biofilm biomass in spring and late summer/early fall while minimal biomass
is observed in winter months (Castenholz 1960; Round 1961; Klarer & Hickman 1975; Hickman
1978a; Eloranta 1982). Dimitic lakes undergo turnover in spring and fall which typically
increases the availability of elemental nutrients, such as phosphorus, required for microbial
growth within a biofilm (Ferragut et al. 2010). Higher PAR in the summer months can also
increase algal growth within a biofilm community as light typically increases photosynthetic
activity (Hill 1996), which has been mostly observed as an higher chl a content of stream biofilm
from open sites compared to shaded sites (DeNicola et al. 1992; Steinman 1992; Larned &
Santos 2000). Increased algal growth can also indirectly increase bacterial biomass (Murray et al.
1986; Espeland et al. 2001) due to their symbiotic relationship with algal cells. Warmer
temperature in the summer months increases the rates of microbial metabolism (Toseland et al.
2013) and growth (Butterwick et al. 2005). However, high light and temperatures (characteristic
of summer conditions) also typically leads to the dominance of thermally-tolerant cyanobacteria
in biofilm communities (van der Grinten et al. 2005).

Seasonal changes in algal community composition and cellular temperature adaptation
play a large role in explaining seasonal variation in biofilm FA composition. In this context,
seasonal variation has been demonstrated in the FA composition of freshwater stream biofilm
(Sushchik et al. 2010; Honeyfield & Maloney 2015; Richoux et al. 2018). Sushchik et al. (2010)
related the change in biofilm FA composition to the seasonal change in the algal community
within the biofilm. Pelagic cyanobacteria that dominant in summer months typically have lower
PUFA content (Guedes et al. 2011; Strandberg et al. 2015) than pelagic diatoms, which typically
thrive in spring and fall and have higher PUFA content, especially EPA (Ahlgren et al. 1992;
Lang et al. 2011). The seasonal change in biofilm PUFA content has also been hypothesized to
be due to temperature adaptations of the algal populations (Sushchik et al. 2010; Honeyfield &

Maloney 2015). Multivariate analysis revealed that temperature was a main driver of summer
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and fall biofilm FA profiles (Honeyfield & Maloney 2015). Warmer summer temperatures may
induce PUFA-dominated membranes to shift to SFA-dominated membranes, helping to explain
the lower PUFA content observed in summer biofilm (Sushchik et al. 2010). Thus, it is evident
that light, nutrients, and temperature can vary seasonally and influence aquatic biofilm, however,
the same abiotic factors can also vary within-season along a depth gradient and also affect

aquatic biofilm.

Light, temperature, and nutrients can greatly vary along a depth gradient, and which has
been documented in shallow freshwater lake systems, especially during the summer months
(Wetzel 2001). The underwater light spectra (i.e., quantity and quality of light) is modified
through the water column as light is scattered/absorbed by, a) water, b) dissolved organic matter,
c) suspended inorganic particles, and, d) pelagic phytoplankton (Gallegos & Moore 2000). Thus,
the increase in pelagic phytoplankton growth and biomass during summer months typically
supresses the growth of biofilm (Hansson 1988, 1992; Sand-Jensen & Borum 1991; Havens et al.
2001a; Vadeboncoeur et al. 2001) and this suggests that pelagic phytoplankton play key role in
determining light availability for underlying biofilm communities. Studies examining depth-
related effects of biofilm typically observe greater algal biomass (measured via chl a content)
when biofilm is growing near the water surface, especially during spring/summer months
(Liboriussen & Jeppesen 2009; Kreuzinger-Janik et al. 2015) and relate it to greater PAR
irradiance at shallower depths (YYang and Flower 2012; Schroeder et al. 2013).

Water temperature also typically decreases with depth in wetland and lakes as thermal
stratification occurs during summer months as warm surface waters are separated from cooler
deep waters, with transitional temperatures in-between (Ullyott & Holmes 1936). Although
considered a common occurrence in lakes, shallow ponds (<3 m) can undergo stratification in
summer months with temperatures differences up to 3 - 4°C between warm surface and cool
bottom layers (Song et al. 2013). Summer stratification can lead to anoxic conditions at the
sediment-water interface, which can stimulate the release of inorganic nutrients into the water
column (Golterman 1995) and therefore, biofilm closer to the sediment may be exposed to higher
nutrient concentrations. Dimitic lakes (i.e., those that mix twice a year) have relatively uniform
nutrient concentrations within the water column during spring and fall turnover as layers are

mixed (Wetzel 2001). Although differences in abiotic factors between depths within a season
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may not be as drastic as between seasons, there is evidence that depth does dictate biofilm

biomass in freshwater systems (discussed below).

The effect of depth on biofilm quantity has been studied, but the response varies
depending on the substrate type. The epiphyton (i.e., biofilm growing on plants) biomass
response to depth, in low-nutrient lakes, is generally positive while a negative relationship
typically occurs in high-nutrient lakes (Evans & Stockner 1972; Khondker & Dokulil 1988;
Lalonde & Downing 1991; Yang & Duthie 1995; Kahlert et al. 2002). Epipelic (biofilm growing
on muddy sediments) and epipsammic (growing on sand) biofilm typically demonstrate a
negative relationship with depth (Round 1961; Stevenson & Stoermer 1981; Stevenson et al.
1985; Sundbéck & Jonsson 1988; Yang & Duthie 1995; Nozaki et al. 2002; Yang & Flower
2012). Epixylic (growing on wood; Rouf et al. 2010) and epilithic (growing on rocks; Quinn &
Hickey 1994) biofilm biomass also typically demonstrate a negative relationship with depth.
These substrate-dependent effects of depth on biofilm biomass can be removed through the

uniform application of artificial surfaces, such as unglazed tiles or strips of inert plastic.

Artificial surfaces typically misrepresent natural communities as they can underestimate
both biomass (Cattaneo & Amireault 1992) and species richness (Barbiero 2000) compared to
natural surfaces. However, due to the high replicability of artificial surfaces (Barbiero 2000) they
have been used to clearly demonstrate that lower biofilm biomass is typically observed at greater
depths (Liboriussen & Jeppesen 2006, 2009; Sanchez et al. 2013; Kreuzinger-Janik et al. 2015).
This decrease in biofilm biomass at greater depths is typically linked with the decreasing algal
biomass (Liboriussen & Jeppesen 2009; Kreuzinger-Janik et al. 2015) due to diminishing light
availability vertically in the water column (Yang & Flower 2012; Schroeder et al. 2013). The
effect of depth on biofilm biomass has typically been studied in the context of grazers, however,
limited work has examined the nutritional value (standardized for organic biomass) of depth-

distributed biofilm, especially in terms of the physiologically-important PUFA.

Epilithic biofilm collected from deeper sites have been shown to contain higher nitrogen
and phosphorus content, suggesting higher elemental (stoichiometric) nutritional quality (Kahlert
et al. 2002). However, the effect of depth on PUFA content (as an indicator for nutritional
quality), has not been fully explored despite the significance of PUFA to grazers. Common
grazers of biofilm include snails, caddisflies, chironomids, mayflies, protists, and crustaceans
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(Mazumder et al. 1989; Bronmark et al. 1992; Blumenshine et al. 1997; Bohme et al. 2009).
High snail abundance has been observed on tiles incubated at greater depths (Schroeder et al.
2013), which may be due to the preference of snail abundance and activity on surfaces sheltered
from high velocities and irradiance (DeNicola & Mcintire 1991). Nematode communities may
also be depth-regulated as algae-feeding nematode species dominate shallow waters (<60 cm)
whereas bacteria-feeding species dominate deeper waters (80 — 300 cm; Peters et al. 2012). The
abundance of insect larvae, such as chironomids (Thorp & Diggins 1982), caddisflies (Thorp &
Diggins 1982), and dragonflies (Wissinger 1988) may be related to depth as higher abundance
are typically observed at shallower depths. This depth distribution of grazers may be related to
the higher biofilm biomass typically observed at shallower depths (discussed above) and/or the

nutritional value, measured by the PUFA content.

The importance of PUFA to biofilm grazers can be demonstrated by the accumulation of
PUFA in the tissue of biofilm grazers such as snails (Wacker 2005; EKin et al. 2011), crustaceans
(Bell et al. 1994; Sushchik et al. 2003a), and the larvae of chironomids (Hanson et al. 1985; Bell
et al. 1994; Ghioni et al. 1996; Sushchik et al. 2003a; Makhutova et al. 2011), mayflies (Bell et
al. 1994; Sushchik et al. 2003a), stoneflies (Bell et al. 1994; Ghioni et al. 1996), and caddisflies
(Sushchik et al. 2003a). The ability of insect larvae to biosynthesize LC-PUFA (e.g., EPA and
DHA) from C18 PUFA precursors appears to be taxa-specific (Hanson et al. 1983; Dadd et al.
1987; Goedkoop et al. 2007; Torres-Ruiz et al. 2010). However, controlled lab experiments
demonstrate that only diets supplemented with PUFA are sufficient for optimal insect larvae
growth and reproduction (Hanson et al. 1983; Cargill et al. 1985). The importance of
physiologically-important FA in insect larvae can not only determine the PUFA availability for
higher trophic levels, but also affect terrestrial predators in riparian habitats surrounding
freshwater systems. Amphibiotic insect larvae represent a key vector for the export of PUFA
from aquatic to surrounding terrestrial systems. Recently, chironomids and dragonflies have been
shown to represent a large subsidy of PUFA to the terrestrial areas surrounding lakes (Martin-
Creuzburg et al. 2017; Popova et al. 2017), and, as such, have demonstrated the importance of
emerging aquatic insects to terrestrial predators (Twining et al. 2016; Fritz et al. 2017). Odonates
(i.e., dragonflies and damselflies) emerging from forested areas near a large freshwater lake were
equal to the biomass estimates of herbivorous terrestrial insects, 0.30 g C - m~2 - year ! versus

0.11-0.70 g C - m2 - year?, respectively. However, unlike terrestrial insects, which are known
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to contain low PUFA content (Hixson et al. 2015), odonates were responsible for an average
export of 1.92 - 11.76 mg EPA+DHA - m 2 - y over a 31-year period (Popova et al. 2017).

The overall biomass and PUFA export of insects emerging from waters has been also
shown to decrease with water depth. A steady decline in the export of total and multiple
individual PUFA (e.g., LIN, ARA, and EPA) was observed from 0 to 6 m, after which the export
stabilized (Martin-Creuzburg et al. 2017). The decline in the export of PUFA from emerging
insects from deeper waters may be related to potential nutritional differences in aquatic biofilm
that they graze upon. Therefore, the depth-related differences in the quantity and, more notably,
the nutritional quality of aquatic biofilms may potentially be important in determining the direct

and indirect availability of nutrients for aquatic and terrestrial ecosystems, respectively.

The main objective of this study was to examine the effect of season and depth on the
quantity and nutritional quality (i.e., PUFA) of aquatic biofilm. Spatial variability has been
demonstrated in biofilm biomass, stoichiometry, and FA profiles (O’Brien and Wehr 2009;
Richoux et al. 2018) and therefore, this study also considered the possible spatial variability
associated with collected biofilm. Unglazed ceramic tiles were incubated on 18 incubation
platforms suspended at six different depths (25, 50, 75, 100, 125, and 150 cm from the surface).
Incubator devices were deployed along three transects (to account for spatial variability) in a

randomized block design during summer and fall months (to account for seasonal variability).

Dry weight (DW) and ash-free dry weight (AFDW) were used as an ex-situ measure of
biofilm biomass. Destructive sampling (i.e., DW and AFDW) are used regularly to determine
biofilm biomass, however, confocal laser scanning microscopy (CLSM) can potentially reveal
differences in in-situ structural properties that are lost in destructive sampling (Albers 2010). The
usage of CLSM has increased in environmental research (Lawrence et al. 2007) and has
extended to assess the effect of abiotic factors, such as nutrients, light, temperature and
contaminates, on the three-dimensional structural profile of aquatic biofilm (Lawrence et al.
2004; Neu et al. 2005; Proia et al. 2012; Zhao et al. 2018). Similar to previous literature (e.g.,
Proia et al. 2012), bio-volume and mean thickness will be used as indicators of in-situ biofilm
biomass (combined referred to as structural profile). Bio-volume represents the overall volume
of the biofilm while mean thickness represents the spatial size (i.e., height) of the biofilm and is
used regularly in biofilm literature (Heydorn et al. 2000). Roughness coefficient has also been
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measured with environmental samples (Mueller et al. 2006) and is a measure of the variance of
thickness measurements (Murga et al. 1995). This represents the structural heterogeneity of the
biofilm and may be used as a measure of the effect of grazing on biofilm (Derlon et al. 2012,
2013). Grazing pressure creates greater peaks and valleys within a biofilm (i.e., grazing trails)
and thus, a higher roughness coefficient represents increased surface heterogeneity, an indication

of grazing which would not be detected when only destructive sampling methods are used.

Previous research has demonstrated a relationship between water depth and biomass, as
well as stichometry ratios, however, PUFA were used as the main nutritional indicator in my
study. Specifically, > n-3 PUFA, > n-6 PUFA, and EPA+DHA content were used as indicators
of nutritional quality due to their importance to biofilm grazers (e.g., Torres-Ruiz et al. 2010).
This study will not designate n-3 and n-6 PUFA as “essential” but “physiologically important” to
grazers due to the wide range of taxa that graze on biofilm, each with specific FA physiological
needs and biosynthesis/bioconversion abilities (Cunnane 2003). Based on the results of previous
studies, | predicted that biofilm biomass (quantity) and PUFA content (nutritional quality) would
decrease with increasing depth due, in part, to the high algal biomass that is typically observed
near the water surface. | also examined the content and proportion of specific SFA, MUFA, and
PUFA, which may reveal potential changes in the overall FA profile of aquatic biofilm. The
unsaturation index (Ul) of biofilm is calculated by multiplying the content (ug FA/mg AFDW)
of a FA multiplied by the number of double bonds, and then summing for all FA identified in a
particular sample, and has been used as an indicator of temperature adaptation in phytoplankton
(Flaim et al. 2012, 2014; Anesi et al. 2016). The content of a single MUFA, oleic acid (18:1n-9),
was also specifically examined due to its incorporation into membranes for biochemical
adaptation to cooler temperatures (Bly et al. 1990; Teoh et al. 2004, 2013). Results from this
study can provide reference data to document the lipid profiles of freshwater biofilm incubated
along a depth gradient in two seasons, as well as attempt to explain depth-dependent differences

in grazer abundance.
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3.2 Methods
3.2.1 Study Site

This study was conducted in a small mesotrophic freshwater pond in Whitby, Ontario,
Canada (43° 59'58.1892" N, 79° 2' 9.9384" W, 260 m above sea level). The pond, although,
man-made, has lain undisturbed for >10 y, allowing a natural community to become established.
The pond is ~100 m long and varies in its width (~2,100 m?) with an average and maximum
depth of 2.92 m and 5.10 m, respectively. The immediate forest surrounding the pond is
composed of mixed birch and coniferous trees. The catchment of the pond was not determined,
however, active farming is not found within a 1 km radius or immediately “downhill”. The pond
is groundwater-fed as no surface water connections are visible, however, underwater connections
are unknown. No specific permits were required for the described experiment. Experiment was
performed on privately-owned land with prior consent from the landowners (Peter and Elaine
Leigh).

Incubation platforms were deployed in a randomized block design; all six depths were
randomly ordered along three separate transects ~12 m apart to account and test for any spatial
variability across the pond (Fig. 3.1). Incubators were secured at 1 m apart from each other to
minimize shading between incubators. Nylon rope was used to tie incubators together and then
the entire transect of incubators was secured to a tree on both sides of the pond with enough
slack to only allow incubators to move <1 m in any direction. Incubation devices were deployed
for 68-70 d; summer biofilm was incubated from 11 July 2017 until 16-18 September 2017 while
fall biofilm was incubated from 3 October 2017 until 9-11 December 2017.
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Figure 3.1: Aerial photograph of pond. Incubator platforms are deployed in a randomized block
design along three transects (from left to right: Block A, B, and C). Photo taken with DJI
Phantom 4 drone on December 4™, 2017 (~1 PM). Photo credits: George Torrance.

3.2.2 Biofilm Incubator Device Design

The incubator device design was adapted from Huggins et al. (2004) with several
modifications to adapt to the still water of a small pond rather flowing current of a river system.
A square PVC frame was attached to a thin sheet of white HDPE, measuring 114 cm x 60 cm. A
thin strip of HDPE was added around the boundary to prevent tiles from sliding off the device.
Tiny HDPE squares were taped to the sheet to add a small space between each tile. Carabiners
and metal chain were used to attach the HDPE sheet to a second, slightly larger, PVC frame held
at the surface with pool noodles. The length of the metal chain determined the depth at which the
tiles were incubated (i.e., 25, 50, 75, 100, 125, and 150 cm from the surface). Tiles in biofilm
studies are typically incubated near the surface (i.e., 25 cm; see Huggins et al. 2004), therefore, |
used increments of 25 cm up to 150 cm (the lowest depth position ensured that all incubators
were at least 1 m from the sediment). Each incubator device held 18 unglazed beige-colored
ceramic tiles (Modern Tiles Plus, Richmond Hill, Canada) measuring 15.2 cm x 15.2 cm (232.3

cm?; Fig. 3.2). All tiles were pressure-washed (with tap water) prior to deployment in both
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seasons. Two submersible temperature loggers (Alpha Mach®; iBWetLand; AMO015) were
placed in Falcon tubes with several holes to allow temperature equilibrium; one iButton was

attached to each short side of each incubator for hourly temperature measurements (0.06°C

resolution).

‘ | <A ' p*r 3\ \ “ | “‘ Y, ‘\ ! 'r l
Figure 3.2: Unglazed ceramic tiles incubated on biofilm incubator devices deployed. Incubators
were joined together for the picture but were moved into final position ~1 meter apart.

3.2.3 Abiotic Measurements

Abiotic factors were measured weekly using a YSI® EXO2 Multiparameter Sonde
(Xylem®©, 599502-00). The sonde was equipped with several probes and was able to measure
water temperature (°C), specific conductivity compensated to 25°C (uS/cm), total dissolved
solids (TDS; mg/L), pH, optical dissolved oxygen (ODO; % saturated), and colored dissolved
organic matter (CDOM; RFU). The sonde was lowered to the downwind side of the incubator
(typically the west side) so that the probes were at the depth of the tiles. Triplicates were taken
for each incubator and all measurements were taken between 8 AM and 12 PM.

Underwater light measurements were taken using an UV-VIS spectrometer (Ocean
Optics®, Flame Spectrometer, FLAME-S-UV-VIS), a custom 3 m UV-VIS fiber cable (Ocean
Optics®, Premium-grade Patch Cord, OCF-104852), and a cosine corrector (Ocean Optics®,
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cosine corrector, CC-3) for 180° measurements. The setup (i.e., spectrometer attached to a fiber
optic cable equipped with a cosine corrector) was calibrated to measure absolute irradiance
(UW/cm?2/nm) prior to each day of measurement using a deuterium-halogen calibration light
source (Ocean Optics®, DH-3-CAL). The cosine corrector was filled with filtered pond water
(vacuum-filtered using 0.2 um polyethersulfone membranes filters) to calibrate the spectrometer
for underwater light measurements. The fiber optic cable was attached to a L-shaped ABS pipe
(2 m by 1 m) so that the cosine corrector was facing upwards (to measure downwelling
irradiance) and was deployed 1 m from the boat to prevent shading. OceanView™ software
(Ocean Optics®, Version 1.6.3) was used to record and process absolute irradiance
measurements. Due to the spatial and temporal variability of sunlight, all measurements were
taken from one central location in the pond (between Block B and C) to test the effects of depth
and season on underwater light climate. During measurements the cosine corrector was always
positioned closer to the sun with the boat in its shadow to prevent the boat from blocking the sun.
A run consisted of three light measurements at each all six depths from 25 to 150 cm; at least
three runs were completed per day. All light measurements were taken on clear and sunny days
within an hour of solar noon (i.e., when the sun was at the highest point on the horizon). During
summer period, the spectrometer was unavailable, therefore, light measurements in the summer
were only taken during the final three weeks prior to harvesting. During the fall period, weekly
measurements were taken, however, the limited number of sunny days prevented regular light

measurements.

3.2.4 Biofilm Sampling/Harvesting

At the end of the incubation period, each platform was slowly lifted to the surface by the
four corner chains and all 18 tiles were carefully removed (without touching the top of the tiles).
Tiles for analysis were all randomly selected and all tiles were harvested within an hour of
removing them from the pond (except for the final six incubators in the fall sampling). Tiles with
large amounts of debris (e.g., leaves) or that were accidently touched during harvesting were
replaced with another randomly-selected tile. Tiles were not enclosed in grazer-proof netting and
were therefore, exposed to grazers throughout the experiment. To remove the effect of the FA
contained in grazers on determining biofilm biomass and FA profile, all tiles were visually

inspected (for more detail a magnifying glass was occasionally used) and any visible surface and
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sub-surface grazers (e.g., oligochaete and insect larvae) were removed with an ethanol-washed
tweezer prior to harvesting. Most tiles were visually inspected for 3 — 5 min prior to being
harvested, however, the abundance of grazers was not recorded in order to minimize the time
necessary to harvest the tiles. Biofilm was scraped from a tile using a stainless-steel razor blade;
washed, between scrapings, with ethanol. The biofilm from nine tiles was scraped and combined
into three separate pre-weighed Falcon® tubes for triplicate representative samples of the
incubator. All Falcon® tubes were immediately placed at -20°C (in the freezer at the landowner’s
residence) but were transferred on ice (vehicle transport, within 24 h, back to lab) and where they
were then stored at -80°C. One tile was cleaned (i.e., the bottom and side of the tile was scraped
with a razor) prior to placing it in a plastic Tupperware® container filled with ~500 mL of

filtered (via 28 um Nitex® mesh) pond water; the tile was used for CLSM analysis.

3.2.5 Confocal Laser Scanning Microscopy Analysis

Tiles selected for CLSM analysis were stored in filtered pond water and at 4°C until
analysis. A Nikon Eclipse 80i-C1 microscope (Nikon Instruments Inc., Melville, NY) and a
20x/0.50 NA Plan Fluor objective lens were used for CLSM analysis. Autofluorescence of
attached biomass was visualized with a 632 nm excitation wavelength and a long pass 650 nm
detector. For each tile, ten random microscope fields were chosen and the biofilm in each field
was imaged by capturing stacks in the Z-direction, spanning the entire thickness of the biofilm.
The step size between slices in the Z-stack was maintained at 0.8 um for all imaging. Images
were acquired using the EZC1 software (Nikon Instruments Inc., Melville, NY), and acquired
images were subsequently reconstructed into maximum intensity projections and three-
dimensional images using the NIS-elements software package (Nikon Instruments Inc., Melville,
NY). Z-stack images were also analyzed via COMSTAT (Heydorn et al. 2000) in MatLab (The
MathWorks, Natick, MA) to quantify the structural profile of the biofilm. All slices in each Z-
stack were first converted to greyscale tagged image format (TIF) files using IrfanView (Version
4.35, www.irfanview.com). Grey-scaled images were then subjected to COMSTAT analysis to
determine structural parameters of the biofilm. Bio-volume (um®um?) is defined as the number
of biomass pixels, multiplied by the size of the pixel, divided by the substratum area; this
represents the overall wet volume of a biofilm. The highest point above each pixel determined

biofilm thickness and was used to calculate the mean thickness (um) of a sample. The roughness
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coefficient (unitless) was calculated as the variance of all thickness measurements from the mean
thickness. Reported values for each of the aforementioned parameters represent an average of the

ten fields imaged for each tile.

3.2.6 Lipid and Fatty Acid Analysis

All pre-weighed Falcon® tubes containing biofilm samples were weighed to determine
the wet weight (WW) of harvested biofilm. Samples were then freeze-dried for 3 days and
measured immediately after to determine the DW of biofilm harvested. The content of two
Falcon® tubes (i.e., six randomly selected tiles) was combined together and mixed well to ensure
substantial biomass for analysis. The small subsample (10 — 30 mg) of the mixed lyophilized
samples were weighed in pre-weighed aluminum weighting boats and ashed in a muffler furnace
at 450°C for 2 h, then weighed again. The difference between the before and after weight of the

sample represents the organic matter or the ash-free-dry weight (AFDW).

FA analysis was performed using a modified Folch (1957) method. Approximately 30 —
50 mg of lyophilized biomass was added to 4 mL of chloroform:methanol (2:1 by volume) to
extract overnight at -80°C. An internal standard (23:0) was added to each sample prior to
extraction. The following day, KCI (0.88% in water) was added, and samples were centrifuged (5
min, 2000 rpm, 4°C). All samples were kept on ice during extraction. The lower layer,
containing lipids was transferred to a new tube. Lipids were extracted twice more with 2 mL
theoretical lower phase (86:14:1 chloroform:methanol:water). Samples were evaporated under
nitrogen gas and re-suspended in hexane. A small aliquot was transferred to tin cups for
gravimetric determination of total lipids (expressed here as pg total lipids/mg AFDW). Samples
were purged with nitrogen gas and trans-methylated in acidic conditions (1% sulfuric acid) at
90°C for 90 mins (Indarti et al. 2005). Milli-Q water was added to stop the methylation reaction
and fatty acid methyl esters (FAME) were extracted three times with hexane. Samples were
evaporated to dryness under nitrogen gas and a known volume of hexane was added with a
digital analytical syringe (SGE; eVol® XR; 2910200) and transferred to vials for gas

chromatography.

FAME were analyzed with a GC (Shimadzu GC-2010 plus) equipped with a flame
ionization detector. A Supelco (SP-2560) column (100 m x 0.25 mm % 0.20 um) was used for
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separation of FAME. Helium was used as the carrier gas with an average flow of 5.2 mL min™.,
A splitless injection (1 pL) was used with the following temperature program: 1) initial
temperature 60°C was maintained for 1 min, 2) temperature was increased, at a rate of 10°C
min~%, to 180°C, 3) temperature was increased, at a rate of 2°C min?, to 220°C, and, 4)
temperature was finally increased, at a rate of 5°C min%, to 240°C, which was then maintained
for 23 min. A standard FAME mix, GLC-463 (Nu-Chek Prep.), was used for peak identification.
An external standard, GLC-68E (Nu-Chek Prep.), was used for calibration curves to determine
concentration of FAME (in pg/uL). FAME concentrations, final volume, and AFDW were used
to calculate the mass of FAME per milligram of ash-free dry weight (ug FAME/mg AFDW), the
content of a FA response of each biofilm sample standardized for AFDW. The overall yield of a
FA response was calculated by multiplying the standardized mass by the total AFDW obtained
from six combined tiles and divided by the area (in m?). It is important to note that the FA
“yield” of biofilm calculated in this study refers only to the FA content remaining on the tiles
after the incubation period and does not account for FA removal by grazers, sloughing, and
diffusion or FA addition by organic deposition. Thus, yield in this study should be thought of as
an “instantaneous yield” (i.e., standing stock) rather than as a true estimate of biofilm

productivity (i.e., a rate measurement) with respect to FA.

3.2.7 Statistical Analysis

Normality and heterogeneity of variance of all raw dependent variables were checked
prior to analysis. In cases where raw data failed Shapiro-Wilk’s normality test (Shapiro & Wilk
1965), data were transformed using box-cox transformation (Box & Cox 1964, 1981), a family
of power transformations, so that data would then pass the Shapiro-Wilk's normality test to
ensure dependent variables met the distributional assumptions of later statistical tests. All data
sets, except for the temperature data from the iButtons, were composed of multiple dependent
variables, and therefore, were first subject to a multivariate analysis of variance (MANOVA) to
test the effect of independent variables and their interactions on the overall data set. In the YSI
and CLSM data sets, each response variable was converted to Z-scores for MANOVA analysis
to account for differences between units and scales. In cases of significant main or interaction
effects (p < 0.05), the data set was subject to an analysis of variance (ANOVA) test for each

dependent variable. In all data sets, except light (where only season and depth and their
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interaction was tested) and lipid (failed unimodal test), the main effect of seasons, blocks, depths
as well as the interaction of season x block, season x depth, and block x depth were examined.
Although the color of the pool noodle was randomized between incubators, the main, and any
interactive, effects of color were assumed to have little biological significance and were therefore

not included in any models or analyses.

The YSI (i.e., water temperature, conductivity, TDS, pH, ODO, and CDOM), iButton
(i.e., hourly water temperature), and CLSM (i.e., bio-volume, mean thickness, and roughness
coefficient) datasets, as well as the DW and AFDW data, were analyzed in response to the
independent variables and their interactions mentioned above. To remove the hourly effect of
iButton water temperature data, a model composed of temperature in response to hour, as the
only independent factor, was used to generate residuals. These values represent water
temperature data without the influence of hourly measurements; these residuals were run as the
response variable in the ANOVA model for the iButtons data set. For light measures, the area
under the curve of raw irradiance (LW/cm?/nm) values was calculated for PAR (400 — 700 nm),
UV-R (280 nm — 400 nm), UV-A (320 — 400 nm), and UV-B (280 — 320 nm) to analyze total
absolute irradiance (mW/cm?) in the respective wavelength ranges.

The lipid data could not be transformed into normally-distributed data. A significant
Hartigan's dip test statistic (Hartigan & Hartigan 1985) for unimodality suggested non-unimodal
data (i.e., at least bimodal). The R package “diptest” (Maechler 2015) was used to conduct the
Hartigan's Dip Test. The data were then divided into two sets based on season; a Student’s t-test
was used to determine the effect of season on individual response variables. All responses in
both data sets passed the unimodal test and were then transformed to satisfy the assumption of
normality and analyzed, via ANOVA, to test the effect of depth and block. However, due to
limited degrees of freedom the interaction was not tested. For all ANOVAs where significant
differences were found, Tukey’s HSD post-hoc tests were applied for multiple comparisons. To
minimize the risk of Type | errors (i.e., false positives), a Sidak adjustment was used for

confidence intervals and a Tukey adjustment was used for p-values.

The specific FA that were identified and captured by the summary indices are listed in
Appendix 4. The unsaturation index was of a sample was calculated by multiplying the mass
fraction of each FA (ug/mg AFDW) by the number of double bonds in the FA and summing
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them together for each sample. The level of significance for all analyses was set at o = 0.05 and
all analyses were conducted using R Studio Desktop version 1.1.442 (RStudio Team, 2016). All
graphs were generated using SigmaPlot 12.5 (Systat Software, San Jose, CA) and GraphPad
Prism 7 (GraphPad Software, La Jolla California USA). The “Ismeans” R package was used to

assign letters between statistically-significant groups (Lenth 2016). All data reported in text are

reported as mean + SD.
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3.3 Results

3.3.1 Abiotic Factors

Not surprisingly, summer water temperatures (22.3 + 2.1°C) were warmer than fall (8.9 +
4.6°C) water temperatures (ANOVA, p < 0.0001; Table A5.1). Overall, water temperatures

decreased with increasing depths (Tukey HSD, p < 0.0001), however, the effect was only
observed in the summer months (Fig. 3.3). Block C had higher mean water temperatures than

both Block A and B (Tukey HSD, p <0.0001), but this spatial variability was also only observed
in the summer months and only at certain depths (25, 100, and 125 cm; Tukey HSD, p < 0.05).
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Figure 3.3: Seasonality of depth-effect differences in water temperature (°C) in summer (grey
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fill — left y-axis) and fall (white fill — right y-axis). Groups marked with different letters are
significantly different (Tukey HSD post-hoc test using the season x depth interaction term). No
differences were observed between depths in fall, therefore, the letter (“A”) above the bars was

removed for clarity purposes.

Weekly YSI measurements (temperature, conductivity, TDS, pH, ODO, CDOM)

Fall Water Temperature (°C)

demonstrated the strong influence of season and depth (and their interaction) on abiotic factors
throughout the experiment (MANOVA, p < 0.0001; Table A5.2A). Similar to iButton data,

season strongly influenced overall water temperature (ANOVA, p < 0.0001; Table A5.2B) as

mean summer temperatures were 21.2 + 1.9°C and fall temperatures were 7.0 + 3.5°C. Season
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also strongly influenced conductivity, TDS, pH, ODO, CDOM (ANOVA, p < 0.0001; Table
A5.2C-G). Dissolved oxygen and pH were higher in the summer season; conductivity, TDS, and
CDOM, were all higher in the fall season (Table A5.2). Overall, depth also strongly influenced
CDOM measurements (ANOVA, p <0.0001; Table A5.2G), which increased gradually with
depth, but only in the summer season (Tukey HSD, p < 0.05).

Season and depth and their interaction had a strong influence on the underwater light
climate (MANOVA, p <0.0001; Table A5.3A). Overall, summer had higher PAR (400 — 700
nm) irradiance (15.66 + 5.88 mW/cm?) than fall (6.17 + 3.69 mW/cm?; ANOVA, p < 0.0001;
Table A5.3B). PAR also decreased with depth and this relationship was observed in both seasons
(Fig. 3.4). Higher UV-R (280 — 400 nm) levels were observed in summer (0.50 + 0.43 mW/cm?)
than fall (0.23 + 0.20 mW/cm?; ANOVA, p < 0.0001; Table A5.3B). In both seasons, UV-R did
decrease with increasing depth (Fig. 3.5AC). Both season and depth had a strong influence on
UV-A (320 — 400 nm) and UV-B (280 — 320 nm) as, in both cases, higher levels of UV radiation

were observed generally in the summer and at shallower depths (Fig. 3.5B and C).

30 1
A

N
(631
1

AB

———1——im

H
o
—tn

ol

¥ Integrated PAR (mW/cmZ)
= N
(6] o
3
——1——5
%

I,
NEmen

G
i

25 50 75 100 125 150

Water Depth (cm)
Figure 3.4: Seasonality of depth-related difference in PAR irradiance (mW/cm?) in summer
(grey fill) and fall (white fill). Groups marked with different letters are significantly different
(Tukey HSD post-hoc test using the season x depth interaction term).
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3.2.2 Confocal Laser Scanning Microscopy Analysis

Depth, season, block, and all interactions between them had highly significant effects on
the overall structural profile of biofilm (MANOVA, p <0.0001; Table A5.4A). Depth, block,
and all interactions significantly affected the biofilm bio-volume (ANOVA, p < 0.05; Table
Ab5.4B), however, season did not (ANOVA, p > 0.05; Table A5.4B). Overall, deeper tiles had a
higher bio-volume and this trend is seen in both summer and fall biofilm (Tukey HSD, p < 0.05;
Fig. 3.6). In general, Block C had lower bio-volume compared to both Block A and B (Tukey
HSD, p <0.01), however, this trend only appeared in summer (Tukey HSD; p < 0.05) and the
block effect varied between depths (Tukey HSD).
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Figure 3.6: The effect of depth on biofilm bio-volume (um3/pm?) in summer and fall in summer
(grey fill) and fall (white fill). Groups marked with different letters are significantly different
(Tukey HSD post-hoc test using the season x depth interaction term).

All independent factors (season, depth, and block) and most interactions had an effect on
the mean thickness of biofilm (ANOVA, p < 0.05; Table A5.4C). Overall, summer biofilm had
lower mean thickness compared to fall biofilm as the mean thickness of summer and fall biofilm
was 33.6 £ 17.6 um versus 37.8 £ 13.3 um, respectively (ANOVA, p < 0.0001, Table A5.4C). In
both seasons, biofilm incubated at greater depths was, on average, thicker than biofilm incubated
at shallower depths (Fig. 3.7). A significant interaction was observed between block and depth in

mean thickness, however, differences varied between depths (Tukey HSD). Overall, Block B
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(39.3 £ 16.8 um) had higher mean thickness than Block A (33.2 £ 14.4 um) and marginally
higher than C (34.6 £ 15.4 um; Tukey HSD, p < 0.01 and p = 0.060, respectively). This block-
related effect can be attributed to differences in both seasons (Tukey HSD; p < 0.05; Fig. 3.8).
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Figure 3.7: Seasonal and depth-related effects on the mean thickness (um) of biofilm in summer

(grey fill) and fall (white fill). Groups marked with different letters are significantly different
(Tukey HSD post-hoc test using the season x depth interaction term).

Overall, season did not influence the spatial heterogeneity of the biofilm on a given tile,
indicated by the roughness coefficient (ANOVA, p > 0.05; Table A5.4D), however, there was a
depth and block effect (ANOVA, p < 0.0001; Table A5.4D). Tile spatial heterogeneity decreased
with depth (Tukey HSD, p < 0.05), decreasing gradually from 1.56 + 0.16 at 25 cm (i.e., from
near the surface) to 1.12 + 0.20 at 150 cm from the surface. Overall, Block C (1.35 + 0.22) had
higher spatial heterogeneity than both Block A (1.26 + 0.24) and B (1.26 = 0.26), however, this
effect was driven only by differences summer biofilm (Tukey HSD, p < 0.0001).
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Figure 3.8: Seasonal effect of spatial variability in biofilm mean thickness (um) in summer (grey
fill) and fall (white fill). Groups marked with different letters are significantly different (Tukey
HSD post-hoc test using the season x depth interaction term).

3.3.3 Dry Weights Analysis

Overall, season, depth, and block had a strong influence on the DW of biofilm (ANOVA,
p < 0.0001; Table A5.5A). The DW of biofilm collected on summer tiles (9701 + 5592 mg/m?)
was higher than the DW of biofilm collected on fall tiles (1916 + 235 mg/m?; ANOVA, p <
0.0001; Table A5.5A). Fall biofilm (98.3 + 0.2%) also had a higher moisture content than
summer biofilm (94.2 + 1.9; ANOVA, p <0.0001; Table A5.5B). Overall, the dry weight
increased with depth, however, this depth-related effect was also only observed in summer
months (Fig. 3.9). Summer biofilm incubated at 25 and 50 cm had higher moisture content than
the biofilm incubated at deeper depths (Tukey HSD, p < 0.05). This depth-related effect on
moisture content was not observed in biofilm incubated during the fall (Tukey HSD, p > 0.05).
Block also affected the dry weight of biofilm collected, however, the effect was only observed in
the summer (Fig. 3.10). No overall block effect was observed in the moisture content of biofilm
(ANOVA, p > 0.05; Table A5.5B), however, Block C had lower moisture content than Block A
and B in summer biofilm (Tukey HSD, p < 0.01).
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Figure 3.9: Seasonality of depth-related effect on biofilm dry weight (mg/m?) in summer (grey
fill) and fall (white fill). Groups marked with different letters are significantly different (Tukey
HSD post-hoc test using the season x depth interaction term).

20000 - C

NE 15000 - BC

>

£ B

< 10000 A

=2

(D)

=

> L

A 5000 - L

N A A A
0
A B C
Block
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(white fill). Groups marked with different letters are significantly different (Tukey HSD post-hoc
test using the season x depth interaction term).
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3.3.4 Ash-free Dry Weight Analysis

Season, depth, and their interaction had a significant effect on the AFDW of biofilm
(ANOVA, p <0.0001; Table A5.5C). Similar to the DW, the AFDW of biofilm collected on
summer tiles (3075 * 1457 mg/m?) was higher than fall tiles (907 + 117 mg/m?; ANOVA, p <
0.0001; Table A5.5C). Overall, the AFDW also increased with depth, however, this depth-related
effect was only observed in summer months (Fig. 3.11). The percentage of organic matter (i.e.,
percentage lost during ashing) was higher in fall (46.8 + 2.9%) than summer (34.3 £ 5.6%)
biofilm (ANOVA, p < 0.0001; Table A5.5D). There were no differences between depths
(ANOVA, p > 0.05; Table A5.5D), however, a significant season x depth interaction (ANOVA,
p < 0.0001) demonstrated a summer-only decrease in organic content with depth (Fig. 3.12).
Spatial variability was observed overall and interacting with season (Table A5.5D). Biofilm
collected from Block C had a lower organic matter percentage than Block A and B in summer
and Block A, but not B in fall (Fig. 3.13).
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Figure 3.11. Seasonality of depth-related effect on biofilm ash-free dry weight (mg/m?) in
summer (grey fill) and fall (white fill). Groups marked with different letters are significantly
different (Tukey HSD post-hoc test using the season x depth interaction term).
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significantly different (Tukey HSD post-hoc test using the season x depth interaction term).
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3.3.5 Fatty Acid Analysis

Most responses in the lipid data set were significant (p < 0.05) for a Hartigans' dip test for
unimodality/multimodality, suggesting that these variables were not unimodally distributed and
therefore that there were distinct subgroups (Table 3.1). Season had a highly significant effect on
all FA responses analyzed (Table 3.1), and when the data set was separated by season all
responses passed the unimodality test (Hartigans' dip test, p > 0.05). Total n-3 PUFA, n-6 PUFA,
and EPA+DHA were used as indicators of nutritional value of biofilm. Fall biofilm had higher >
n-3 PUFA, > n-6 PUFA and EPA+DHA content than summer biofilm, when standardized for
differences in AFDW (Table 3.1). However, the total yield (mg/m?) of 3 n-3 PUFA, 3 n-6
PUFA and EPA+DHA was higher in the summer months (Student’s t-test, p < 0.001, 0.0001,
and 0.01 respectively; Table 3.2).

Table 3.1: Average values for fatty acid responses from biofilm collected in summer and fall.
Values are presented as mean + SD. Absolute t-values and p-values were determined using a
student’s t-test after data were separated by season (to remove bimodal distribution). Parameters
marked with a * and T represent response variables that were significant and marginally
significant, respectively, for the Hartigans' dip test for unimodality/multimodality (suggesting

data were not unimodal). Bolded p-values represent significance.

Response Summer Fall t-value (p value)
Nutritional Quality
Y n-3 PUFA (ug/mg AFDW) * 70+12 144+0.8 22.13 (< 0.0001)
> n-6 PUFA (ug/mg AFDW) * 2.7+0.2 29+0.3 2.08 (0.023)
EPA+DHA (ug/mg AFDW) * 39+1.0 8.5+0.7 16.78 (< 0.0001)
Biomarkers
16:1n-7 (ug/mg AFDW) f 6.6+£1.1 125+15 13.77 (< 0.0001)
> Odd-chained (pg/mg AFDW) 0.5+0.03 0.70+0.1 9.47 (< 0.0001)
Summary Indices
Y FA (ng/mg AFDW) * 30.7+3.3 49.6 £4.2 14.95 (< 0.0001)
Y SFA (ng/mg AFDW) 10.6 +0.9 134+1.3 7.60 (< 0.0001)
Y MUFA (ug/mg AFDW) * 103+1.2 18.8+2.0 15.37 (< 0.0001)
> PUFA (ng/mg AFDW) * 9.7+13 173+ 1.1 18.82 (< 0.0001)
SFA %~ 34.7+10 27.1+0.5 29.99 (< 0.0001)
MUFA % 33.7+x1.1 378+11 11.19 (< 0.0001)
PUFA % 31.6+1.6 35.1+1.3 6.95 (< 0.0001)
18:1n-9 (ug/mg AFDW) * 1.6+0.1 4.4 +0.6 18.78 (< 0.0001)
Unsaturation Index * 477+7.2 91.6+5.8 20.02 (< 0.0001)
n3:n6 ratio 25%0.3 50+£05 18.96 (< 0.0001)
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Depth (MANOVA, p < 0.01) and block (MANOVA, p < 0.05) influenced the nutritional
quality of summer biofilm (Table A5.6A). Depth did not influence the nutritional quality of fall
biofilm (MANOVA, p > 0.05; Table A5.6A), however, spatial variability was also observed
(MANOVA, p <0.0001; Table A5.6A). Summer biofilm incubated at 25 and 50 cm from the
surface had higher > n-3 PUFA and EPA+DHA content than biofilm incubated at 125 and 150
cm, however, no discrete depth-related pattern was observed in the > n-6 PUFA content of
summer biofilm (Fig. 3.14A). On the contrary, the overall yield of 3 n-3 PUFA, 3 n-6 PUFA,
and EPA+DHA increased with depth in summer biofilm (Table 3.2). Fall biofilm incubated at
greater depths had higher >_ n-6 PUFA content (Fig. 3.14B). No differences were observed in )’
n-3 PUFA and EPA+DHA content when pairwise comparisons were conducted on fall biofilm
between all depth combinations (Fig. 3.14B). The overall yield of 3’ n-3 PUFA, > n-6 PUFA,
and EPA+DHA in fall biofilm also increased with depth, however unlike summer biofilm, a

maximum was observed at 100 cm, after which values decreased (Table 3.2).

Table 3.2: Average values for the overall yield (mg/m?) of nutritional fatty acids from biofilm at
various depths collected in summer and fall. Values are presented as mean + SD. The difference
between seasons was determined by a Student’s t-test and a * represents significant difference

between seasons. Pairwise comparisons (Tukey HSD post-hoc test) were done on each response
separately after data were separated by season (to remove bimodal distribution). Groups marked
with different letters are significantly different between depths within a single response variable.

Depth (cm) S n-3 PUFA S n-6 PUFA EPA+DHA
Summer 20.1+82" 83+3.8" 108+4.1"
25 66+162 22+052 41+1.0°
50 148+1.2% 5.6+ 0.4 8.6+0.8®
75 21.9+6.8b° 8.6 +2.9be 11.9+35b
100 25.0 + 2.6 b 104+ 15° 13.6+1.3P
125 25.6+ 3.0 b 11.3+1.4°¢ 13.0+1.4°P
150 268 +5.9°¢ 11.6+1.9° 13.9+3.7°P
Fall 131+17°" 27+05" 77+08"
25 11.9+082 20+022 79+022
50 13.4+0.9%® 2.6+0.2® 8.1+0.3®
75 135+1.22 2.8+0.3bc 78+042
100 15.4+1.6P 34+04° 8.7+052
125 13.1+0.42 2.8+0.1be 7.4+0.0be
150 11.1+1.02 2.4+032 6.3+0.6°
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Summer biofilm incubated at 25 and 50 cm had higher 16:1n-7 content than biofilm
incubated at 100, 125, and 150 cm (Fig. 3.15A). The proportion of 16:1n-7 (of > FA) was higher
in shallow biofilm (i.e., 25-75 cm) compared to deeper biofilm (i.e., 150 cm; Tukey HSD, p <
0.05). Pairwise comparison between the 16:1n-7 content and proportion of fall biofilm showed
no differences between depths (Fig. 3.15A). Similarly, summer biofilm incubated at 100 cm had
lower odd-chained FA than biofilm incubated at 25 and 50 cm (Fig. 3.15B). Neither depth (Fig.
3.15B) nor block had an influence on the sum of odd-chained FA in fall biofilm (ANOVA, p >
0.05; Table A5.7F).

Spatial variability was only observed in the FA biomarkers and limited to summer
biofilm (Table A5.6E-F). Summer biofilm incubated in Block B (6.1 + 1.1 pg/mg AFDW) had
lower 16:1n-7 content than both Block A (6.8 £ 1.1 pg/mg AFDW) and C (6.9 £ 1.1 pg/mg
AFDW:; Tukey HSD, p < 0.05; Table A5.6E). Similar to the diatom biomarker, summer biofilm
incubated in Block B (0.4 + 0.04 pg/mg AFDW) had lower > odd-chained FA than both Block
A (0.5£0.02 pg/mg AFDW) and C (0.5 £ 0.03 pg/mg AFDW; Tukey HSD, p < 0.05; Table
AB.6F).

Total FA, > SFA, > MUFA, Y PUFA, the percentage of SFA, MUFA, and PUFA of
Total FA, as well as n3:n6 ratio were all used as summary indices to determine potential changes
in the biofilm FA profile. The Ul and 18:1n-9 were used to determine potential temperature-
related differences between seasons or depths. All summary indices were influenced by season as
all responses were lower in summer biofilm, except MUFA% and PUFA% which were higher in
fall biofilm (Table 3.1).

In summer months, depth strongly influenced FA summary indices (MANOVA, p <0.01;
Table A5.8A), while block did not (MANOVA, p > 0.05; Table A5.8A). Summer biofilm
incubated at 25 cm typically had higher >’ SFA, > MUFA, and ) PUFA content than biofilm
incubated at 125 and 150 cm, however, a similar effect was also observed in )’ FA (Table 3.3).
The proportion of SFA was higher in summer biofilm incubated at 125 cm, compared to biofilm
incubated at 25 and 50 cm, however, no differences were observed in the proportion of MUFA
and PUFA between depths (Table 3.3). The Ul decreased with depth in summer biofilm as the Ul
of deeper biofilm (> 75 cm) was lower than the UI of biofilm incubated at 25 and 50 cm (Fig.
3.16).
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Figure 3.14: Nutritional quality of biofilm incubated at depths in (A) summer and (B) fall
determined by Y n-3 PUFA (dark grey fill), EPA + DHA (stripped light grey fill), and ) n-6
PUFA (white fill) content. Depths marked with different letters represent groups that are
significantly different within one response (Tukey HSD post-hoc test): > n-3 PUFA (bolded
upper case), EPA + DHA (bolded lower case), and Y n-6 PUFA (italicized upper case).

91



(A)

16 f
14
12 -

HH

>

16:1n-7 (ug/mg AFDW)
H
o

o

HH >
>
o3}

——io

HH

—T®

H—w

—t—i®

i

HH

o N E~ (¢ (0]
1

25

=
o
J

(B)

o
o
1

o
(@)
o

H >

0.2

0.0

50 75

——®

H >

AB

—_—i®

HH @

100

—T—i®

125

HHE

o

150

> Odd Chain-Length FA (ug/mg AFDW)

25

50 75

Water Depth (cm)

100

125

150
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In fall biofilm, depth marginally influenced FA summary indices (MANOVA, p = 0.068;
Table A5.9A). No depth-related effect was observed in Y’ FA and Y’ PUFA in fall biofilm,
however, fall biofilm incubated at 100 and 125 cm had higher > SFA and > MUFA content than
biofilm incubated at 25 cm (Table 3.3). Similar to summer biofilm, the proportion of SFA was
higher in fall biofilm incubated at 100 and 125 cm compared to 25 cm (Table 3.3). Similarly, the
proportion of MUFA was higher in fall biofilm incubated at 75 and 125 cm compared to 25 cm
(Table 3.3), however, no differences were observed in the proportion of PUFA in fall biofilm
between depths (Table 3.3). A similar relationship was observed in the 18:1n-9 content and
n3:n6 ratio of fall biofilm (Table 3.3). No differences were observed in the Ul between biofilm
incubated at different depths in the fall (Fig. 3.16).

Spatial variability was observed in the summer biofilm (MANOVA, p < 0.01; Table
Ab5.8A), however, only marginal block effects were observed in 3 PUFA, Ul, and 18:1n-9
(Table A5.8E-G). Spatial variability was also observed in the fall between the Y’ SFA content of
Block A and B and the Y. MUFA content of Block B and both Block A and C (Tukey HSD, p <
0.05).
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Figure 3.16: The depth-related effect on the unsaturation index (UI) of biofilm incubated in
summer (grey fill) and fall (white fill). Groups marked with different letters are significantly
different (Tukey HSD post-hoc test). Upper (summer) and lower (fall) cases represent separate
post-hoc tests as seasons were analyzed separately.
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3.4 Discussion

The main objective of this study was to determine the effect of season and depth on
biofilm quantity and nutritional quality. Spatial variability has been demonstrated in experiments
examining freshwater biofilm (Morin & Cattaneo 1992) and therefore, the potential influence of
spatial variability was also examined. Summary indices were also examined to determine
differences in the proportions of FA, which may be related to abiotic factors measured
throughout the experiment. Unglazed ceramic tiles were incubated at six different depths, which
were replicated across three transects (in a randomized block design) in a small freshwater pond
through two seasons. Biofilm biomass was measured by DW, AFDW, and bio-volume (via
CLSM) while ¥ n-3 PUFA, 3 n-6 PUFA, and EPA+DHA content were used as an indicator for
nutritional quality. Summary indices (e.g., sum and proportions of FA, SFA, MUFA, and PUFA)
were used to determine any differences in the fatty acid profile, potentially related to cellular
adaptation to temperature differences. The influence of seasonality, depth, and spatial variability
on aquatic biofilm is likely influenced by the abiotic factors that are important to biofilm growth
and development (e.g., temperature and light), which can differ between season, depths, and
spatial gradient. Therefore, several abiotic factors were measured throughout the experiment, in
an attempt to relate differences in the quantity and quality of field-collected biofilm to changes in
abiotic factors.

3.4.1 Abiotic Factors

Summer temperatures were typically warmer than fall temperatures and there was a
decrease in water temperature with increasing depth in summer (Fig. 3.3). Shallow ponds in the
area (i.e., Whitby) have been shown to thermally stratify during summer months (Song et al.
2013), suggesting thermal stratification occurred in the study pond during the summer period.
Spatial variability in water temperature was only observed in summer months and only at certain
depths, however, no overall spatial trend was observed. Other abiotic factors (i.e., conductivity,
TDS, pH, DO, CDOM) were affected by season but only CDOM in the summer months differed

significantly between depths as higher dissolved organic matter was present at deeper depths.

The underwater light climate that biofilm was exposed to was greatly affected by both

season and depth. Higher levels of PAR irradiance were available to summer biofilm as well as
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biofilm incubated at shallower depths (Fig. 3.4). Both summer and fall biofilm were exposed to
similar levels of total UV radiation (200 — 400 nm), however, levels did decrease with depth
(Fig. 3.5A). When separated, both UV-A (315 — 400 nm) and UV-B (280 — 315 nm) were higher
during the summer and at shallower depths (Fig. 3.5B and C). The peak of PAR irradiance in
shallow lakes has been shown to occur during late summer months (i.e., August), after which
PAR decrease until peaking the following summer (Xu et al. 2010). Although not specifically
measured, fall biofilm were exposed to less direct sunlight due to the reduced daylight hours and
lower sun angle observed during fall months in North America. The underwater light spectra is
expected to decrease with depth as light is scattered/absorbed by water, dissolved organic matter,
and pelagic phytoplankton (Gallegos & Moore 2000). The summer increase in CDOM with
depth may account for some of the decreased light availability at greater depths in summer
months. Based on the parameters measured, it is evident that biofilm incubated during different
seasons and depths were exposed to different abiotic environments, which may have influenced

their quantity and nutritional quality.

3.4.2 Seasonal, Depth-related, and Spatial Differences in Biofilm Biomass

The combination of both semi in-situ (i.e., CLSM analysis) and ex-situ (i.e., DW and
AFDW from lyophilized samples) methods to determine biofilm structure and biomass has been
used separately in laboratory settings (e.g., Arnon et al. 2007), however, their combined usage
has been limited, especially with respect to environmental samples (e.g., Albers 2010).
Interestingly, seasonality was not observed in bio-volume measurements in my study, however,
DW and AFDW demonstrated a ~five- and three-fold decrease in fall biofilm biomass compared
to summer biofilm biomass, respectively. Although the proportion of organic matter in fall
biofilm was higher than summer, the AFDW (calculated as the DW multiplied by proportion of
organic lost during ashing) clearly demonstrates that tiles incubated in the summer accumulated
more organic biomass than fall biofilm. It should be noted that the accumulation of organic
matter measured in this experiment may not represent true productivity of the biofilm because
factors such as organic deposition, predation, and sloughing can influence the organic matter
observed in biofilm. Although AFDW does not distinguish between living and non-living
organic matter, higher AFDW in summer biofilm incubated on artificial surfaces has been

demonstrated in both freshwater streams (Rosemond 1994) and shallow lakes (van Dijk 1993),
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confirming the typical seasonal pattern of maximal biofilm biomass during spring and summer

months in freshwater ecosystems.

The lack of seasonality in bio-volume measurements may be partially due to the
combination of high spatial variability of a biofilm surface that leads to high variability in in-situ
measurements using CLSM (Neu & Lawrence 2016). The proportion of DW and moisture
content of biofilm may have influenced bio-volume measurements as summer biofilm had lower
moisture content but higher DW and AFDW and vice-versa for fall biofilm. Additionally, due to
the time and logistical constraints, only a single tile was used to represent each incubator, instead
of three tubes containing triplicate tiles as with DW and AFDW measurements. CLSM also
revealed that fall biofilm was also, on average, thicker than summer biofilm although the spatial
heterogeneity (i.e., roughness coefficient) was similar between both seasons. Biofilm EPS is
composed of up to 99% water (Cooksey 1992), which may explain the higher moisture content
observed in fall biofilm as CLSM was done on fully-hydrated biofilm that were placed and
stored in filtered pond water prior to analysis. CLSM has been used to demonstrate maximum
bio-volume in spring biofilm compared to fall biofilm grown on artificial surfaces in a
wastewater treatment facility due to high diatom abundance (Congestri et al. 2006). Overall, the
combination of in-situ and ex-situ measurements demonstrated that tiles incubated during
summer months accrued more organic material. However, the biofilm growing on the tiles were
similar in volume in summer and fall perhaps as a result of a higher moisture content in fall

biofilm.

Tiles incubated at greater depths accumulated higher DW (Fig. 3.9) and AFDW (Fig.
3.11), however, this depth-related effect was only observed in summer biofilm. Deeper summer
biofilm (> 75 cm) had lower organic percentage (Fig. 3.12) but higher DW (Fig. 3.9) and AFDW
(Fig. 3.11) than shallower biofilm (25 and 50 cm). Greater algal biomass is typically observed
near the water surface during summer months (Liboriussen & Jeppesen 2009; Kreuzinger-Janik
et al. 2015), where the high levels of PAR irradiance can stimulate algal growth. Chlorophyll
samples were not analyzed for this experiment, however, higher UV (-R, -A, and -B) observed at
shallower depths during both seasons may have also reduced biofilm biomass near the water
surface, as UV radiation can reduce AFDW and densities of cellular biovolume (Vinebrooke &
Leavitt 1996). High levels of AFDW on deeper tiles in summer months may also be due to high

levels of detritus (i.e., non-living organic matter; Wilson et al. 2003) caused by phytoplankton
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deposition or settling after pelagic phytoplankton blooms in the summer (Goedkoop & Johnson
1996). Phytoplankton deposition would also provide nutrients (i.e., phosphorus and nitrogen) to
microorganisms within deeper biofilm, potentially stimulating biofilm growth. In a small pond,
deeper biofilm may also benefit from nutrients released from the sediment during the summer
stratified months as shallow ponds in Whitby have been shown to have higher phosphorus
accumulation during summer months (Song et al. 2013). This may result in higher living organic
matter on deeper tiles in the summer, however, fall turnover would distribute nutrients more or
less equally within the water column. Unfortunately, dissolved nutrients were not analyzed
during this study. Finally, although the direct effect of grazing pressure or sloughing was not
measured, a decrease in the spatial heterogeneity (i.e., roughness coefficient) of biofilm with
depth suggests higher grazing pressure near the surface. Biofilm grazers create a more
heterogenous biofilm structure while in the absence of predators (grazers), biofilm develop a
homogenous, compact, and thick structure (Derlon et al. 2012, 2013). Visual inspections of tiles
prior to harvesting also suggested shallower tiles were heavily grazed, relative to deeper tiles,

due to presence of blank substrate surface marked by distinct grazing tracks.

The seasonality of ex-situ measurements has been demonstrated, however, shallow
biofilm in spring/summer typically have higher DW (Eloranta 1982). Liboriussen and Jeppesen
(2009) found no systematic difference in biofilm DW between biofilm obtained from 5, 40, and
75 cm during winter but did find more biomass near the surface during the spring in a shallow
lake. The relationship between depth and biofilm may vary depending on the characteristic of the
system as biofilm collected from a clear macrophyte-dominated eutrophic lake had a decrease in
dry weight from 20 to 40 cm while an increase in dry weight with depth was observed in
phytoplankton-turbid lake (Sanchez et al. 2013). Although my study pond was characterized as
mesotrophic (based on nutrient concentrations in Appendix 3), high abundance of phytoplankton
during the summer would characterize it as phytoplankton-turbid (Scheffer et al. 1993),
suggesting a positive relationship between depth and biofilm biomass in productive waterbodies.
No clear depth pattern was observed in the DW, AFDW, organic percentage, or moisture content
between depths of fall biofilm, however, CLSM were able to reveal differences at a finer scale.

Regardless of season, biofilm incubated at greater depths had higher bio-volume (Fig.
3.6) and mean thickness (Fig. 3.7). Although no depth-related pattern was observed in fall

biofilm using ex-situ methods, an increase in bio-volume (Fig. 3.6) and mean thickness (Fig. 3.7)
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was evident using CLSM. The difference between in-situ and ex-situ measurements may be
related to the resolution of each technique. All DW and AFDW were measured using an
analytical balance with a resolution of £ 1 mg, while CLSM measurements were conducted on a
resolution scale 10* smaller (i.e., + 0.01 pm), therefore, depth-related differences seen the bio-
volume and mean thickness of fall biofilm may have been undetectable in larger-scaled
measurements like DW and AFDW. The advantages of using CLSM are in its ability to examine
aquatic biofilm within its environmental context (i.e., hydrated and attached to a substrate) and
detect fine-scale in-situ structural characteristics of biofilm that are otherwise lost when the
biofilm is scraped off the substrate (Neu & Lawrence 2016). Therefore, using traditional ex-situ
methods, a depth-effect was only observed in the summer while using in-situ revealed a finer-

scaled increase in biofilm biomass with increasing depth in both seasons.

Spatial variability was observed in both biomass measurements but were mostly limited
to summer biofilm. Summer biofilm incubated in Block C had lower bio-volume (Fig. 3.7) and
organic matter percentage (Fig. 3.13) but higher heterogeneity and DW (Fig. 3.10) than both
Block A and B. Although spatial variability was observed in most biomass parameters, there
were no differences observed in the organic matter (i.e., AFDW) on tiles incubated in summer
and fall between the blocks. Spatial variation in biofilm AFDW has been observed in a large-
scale (i.e., 6,000 km?) gradient and in streams with differing abiotic factors, such as light
(Rosemond 1993; Rosemond et al. 2000; Godwin & Carrick 2008). Differences in spatial
variability in dry weights and bio-volume may be explained by higher exposure to UV.
Although, not measured due to logistic difficulties taking light measurements at different
locations, Block C represents a more “open-water” area and compared to Block A and B (Fig.
3.1). Overall, seasonal, depth-related, and spatial variability was observed in the quantity of
biofilm, as higher biomass is typically observed at greater depths, however, interestingly, depth

has the opposite effect on the nutritional quality (discussed below).

3.4.3 Seasonal and Depth-related Differences in Biofilm Nutritional Quality

Most parameters in the lipid data, when both seasons were included, had a multimodal
distribution (Hartigans' dip test, p < 0.05; Table 3.1), however, when data were separated by
season, all response variables in both seasons were unimodal and normally-distributed

(Hartigans' dip test; p > 0.05). The nutritional quality of biofilm was determined by the >’ n-3
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PUFA, Y n-6 PUFA, and EPA+DHA content. All three indicators of nutritional quality were
higher in fall biofilm than summer biofilm (Table 3.1). This would suggest that in terms of
physiologically-important FA, fall biofilm (standardized for AFDW) contain higher content
compared to summer biofilm, which may be related to the temperature-mediated increase in
PUFA proportions observed at colder temperatures (discussed in next section). Although fall
biofilm contain higher PUFA content per standardized unit of mass, interestingly, the overall
yield of PUFA was higher in the summer (Table 3.2). This suggests high availability of PUFA in
the summer, however, a larger amount of biofilm would need to be consumed by a grazer to

ingest the same amount as available in fall biofilm.

Along with the nutritional indicators used, >, FA was lower in summer than fall (Table
3.1). Sushchik et al. (2010) and Sanpera-Calbet et al. (2017) also reported lower ’ FA in the
summer, however, peak values were observed in spring biofilm, which were not collected in this
study. Higher lipid content in fall biofilm may provide biofilm microorganisms sufficient energy
storage during low-light and low-nutrient winter months and ultimately influence biofilm growth
in the following spring season. Studies have demonstrated the seasonality of biofilm FA, most of
which reported individual values as a proportions of total FA (e.g., Torres-Ruiz et al. 2007;
Sushchik et al. 2010) or of total chromatographed peak area (e.g., Honeyfield & Maloney 2015).
Although FA proportions are essential in examining trends in the overall FA profile (discussed in
next section), the nutritional quality of biofilm can more reasonably be quantified by examining
the content (pg) standardized to organic mass (i.e., on a per mg AFDW basis). The presence of
EPA in the biofilm FA profile and a DHA/EPA ratio < 1 (values ranged from 0.10 to 0.48) also
strongly suggest the dominance of diatoms (Budge & Parrish 1998; Dalsgaard et al. 2003). The
increase in nutritional quality in the fall was also accompanied by an increase in palmitoleic acid
(16:1n-7), a common biomarker for diatoms (Taipale et al. 2013). This may be due to increased
abundance of pelagic diatoms in the fall due to cooler temperatures and silica recovery (Hecky et
al. 1986; Munawar & Munawar 1986), which may increase diatom abundance within the biofilm
by increasing the deposition of living or dead diatoms, along with their PUFA content. This
seasonal variation in biofilm FA is ecologically important because FA are involved in many
cellular functions (Ibarguren et al. 2014; Glatz & Luiken 2015; Schonfeld & Wojtczak 2016) and
therefore, grazers may have limited access to physiologically important FA throughout the year.
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Within-season depth-related variation was also observed in this study as shallow biofilm
(i.e., 25 and 50 cm) in the summer had higher Y n-3 PUFA and EPA+DHA content than deeper
biofilm (i.e., 125 and 150 cm; Fig 3.14A). Interestingly, the overall yield of ) n-3 PUFA, > n-6
PUFA, and EPA+DHA were also higher at summer biofilm incubated at greater depths (Table
3.2). This suggests that although shallower summer biofilm contain higher standardized PUFA
content, greater PUFA quantity is available at greater depths. Therefore, grazers feeding on
deeper biofilm would need to ingest more biofilm to receive the same mass of PUFA available in
shallower biofilm. Aquatic snails, common biofilm grazer, are commonly observed at deeper
depths in the littoral zone of lakes (James et al. 1998; Weatherhead & James 2001; Schroeder et
al. 2013). Although their vertical distribution may be related to their preference for sheltered
surfaces (DeNicola & Mclntire 1991), aquatic snails are efficient grazers of biofilm (Peters et al.
2012) as they can remove biofilm >100 pum thick (Lawrence et al. 2002) and even crustose algae
(Neumann 1961) and therefore, may benefit from the higher PUFA availability at greater depths.
In the fall, deeper biofilm had higher n-6 PUFA content, however, no differences were observed
in Y’ n-3 PUFA and EPA+DHA content between depths (Fig. 3.14B). Interestingly, the
maximum yield of PUFA was observed at 100 cm (Table 3.2). This might suggest an optimal
depth, due to a combination of abiotic and biotic factors in the fall season, for biofilm quantity
and PUFA content.

Increasing depth has been shown to increase the atomic ratio of C:N and C:P of epilithic
biofilm, which suggests a reduction in elemental nutritional quality (Kahlert et al. 2002). This
study demonstrated that nutritional quality of aquatic biofilm, in terms of physiologically-
important n-3 PUFA, also decrease with depth, although this effect was limited to the summer
period. The high abundance of palmitoleic acid (16:1n-7) in biofilm collected from this study
(values ranged from 36.7 to 53.6%) suggests the dominance of diatoms, which likely contribute
to the nutritional quality of biofilm due to their ability to produce high quantities of PUFA,
especially n-3 varieties (Lang et al. 2011). In summer biofilm, the > n-3 PUFA and EPA+DHA
content decreased with depth (Fig. 3.14A), as well as the palmitoleic acid content (Fig. 3.15A).
The proportion of palmitoleic acid (of total FA) also significantly decreased with depth from
22.3 £ 0.3 pg/mg AFDW at 25 from the surface to 19.5 + 0.8 pg/mg AFDW at 150 cm from the
surface. The content and proportion of palmitoleic acid both suggest that diatom abundance in

summer biofilm decreased with depth, which would provide an explanation for the reduction in
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PUFA. This is consistent with other studies that have reported high diatom abundance in shallow
biofilm (i.e., 60 cm from the surface), where sufficient levels of PAR are available for optimal
growth (Yang & Flower 2012). No depth-related differences were found in the > n-3 PUFA
content of fall biofilm between depths, as well as in the content and proportion of palmitoleic
acid (Fig. 3.15A). Overall, the PUFA content of biofilm differs seasonally and between depths,
albeit limited to summer months; therefore, the availability of physiologically-important FA can

potentially differ for grazers between seasons and along a depth gradient.

3.4.4 Seasonal and Depth-related Differences in Biofilm Fatty Acid Profile

The PUFA content was used to determine nutritional value, however, the content (i.e.,
pHg/mg AFDW) and proportion (% of total FA measured) of SFA, MUFA, and PUFA were used
as indicators of the overall fatty acid profile of aquatic biofilm. The ) FA, as well as the > SFA,
> MUFA, and ) PUFA, increased in fall biofilm compared to summer biofilm (Table 3.1).
However, the proportions of SFA decreased in fall biofilm while the proportions of MUFA and
PUFA increased in fall biofilm (Table 3.1). This seasonal shift in FA proportions has been
observed in several studies examining biofilm FA (Sushchik et al. 2010; Guo et al. 2015;
Honeyfield & Maloney 2015). Sushchik et al. (2010) suggested a change in species composition
can partially explain the differences in proportion, however, diatoms and green algae grown in
warmer temperatures during summer months in that study had lower PUFA proportions
suggesting temperature adaptation was occurring between seasons. Similarly, pelagic diatom
population in the spring were rich in PUFA while the population in the summer with the same
taxa had lower PUFA content (Sushchik et al. 2004). The Ul also increased in fall biofilm (Table
3.1) in my study, potentially indicating the switch of SFA-dominated membranes to PUFA-
dominated membranes as cellular adaptation mechanism to cooler temperatures. The content of a
MUFA, specifically 18:1n-9, also increased in the fall biofilm (Table 3.1), which has been
suggested as an important MUFA for adaptation to cooler temperatures (Bly et al. 1990; Teoh et
al. 2004, 2013). Although not experimentally-manipulated, temperature may potentially explain
seasonal differences in the proportion of SFA and PUFA in biofilm and has been suggested by
other authors who have similarly observed higher PUFA proportions in fall/winter biofilm (e.qg.,
Guo et al. 2015; Honeyfield & Maloney 2015).
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Temperature differences were also observed between depths, specifically in summer
months when deeper biofilm were exposed to cooler temperatures (Fig. 3.3). Deeper biofilm in
the summer had higher . FA, Y’ SFA, > MUFA, and Y PUFA content, however, only the
proportion of SFA significantly differed between depths (Table 3.3). Although a statistically
significant temperature difference was observed between all depths in the summer (Fig. 3.3), the
difference between the mean temperatures at 25 and 150 cm was ~0.8° C. Laboratory
experiments that attempt to induce a biochemical response in phytoplankton FA proportions
typically use a temperature difference > 4°C (Sushchik et al. 2003b; Fuschino et al. 2011) as
differences in PUFA proportions are only observed when temperature differences are > 3°C
(Renaud et al. 2002; Teoh et al. 2004). Therefore, the small difference observed in temperatures
between depths may not affect the membrane fluidity of microorganisms and no temperature
adaptation response would be observed. Overall, seasonality strongly influences proportions of
FA, likely related to differences in temperature, however, within-season depth-related

differences in temperature did not cause a shift in FA proportions.

3.4.5 Conclusion

The main objective of this study was to determine the effect of season and depth on the
quantity and nutritional quality of aquatic biofilm. The depths were replicated in three transects
to account and test for spatial variability across the pond. Traditional ex-situ measurements (i.e.,
DW and AFDW) demonstrated a clear decrease in biofilm biomass in the fall, as well as a
summer-limited increase in biomass with increasing depth. Seasonality was not observed in
CLSM indicators of biomass, however, an increase in biofilm was observed in both seasons
suggesting that the usage of in-situ microscopy of aquatic biofilm may reveal finer-scaled
characteristics that are undetectable in traditional measurements of biomass. Although the usage
of CLSM has increased with field-incubated samples (e.g., Proia et al. 2012), adequate sample
preservation and the lack of laser penetration into thick (>150 pum) biofilm prevent the
widespread usage of CLSM for environmental samples (Neu & Lawrence 2016). Spatial
variability was typically observed in summer biomass measurements, demonstrating the
seasonality of biofilm spatial heterogeneity within a small pond ecosystem. Despite the logistical
challenges associated with CLSM, its usage in combination with traditional methods can
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determine both large and smaller-scaled changes in biofilm biomass, especially in response to

important abiotic factors.

Nutritional quality of biofilm was determined by the PUFA content, which increased
generally in biofilm incubated in the fall but decreased with depth only in summer biofilm. The
total availability of PUFA, however, was higher in the summer and at deeper depths due to the
greater accumulation of organic matter. The seasonal and depth-related trends in standardized
PUFA content corresponds with the content of palmitoleic acid, a common biomarker for
diatoms, and which are typically also PUFA-rich algae. Therefore, the diatom abundance
between seasons and within depths likely plays a key role in determining the availability of
physiologically-important PUFA. Season also had an influence on the overall profile of aquatic
biofilm as proportions of MUFA and PUFA increased in the fall, at the expense of SFA. This
phenomenon been observed in other biofilm studies (e.g., Honeyfield & Maloney 2015) and is
potentially caused by seasonal changes in species composition and cellular adaptation to colder
temperatures by microorganisms within the biofilm. The increase in palmitoleic acid in fall
suggests an increase of diatom abundance in fall biofilm, however, an increase in the Ul and
oleic acid in the fall also suggests temperature adaptation of biofilm microbes to colder
temperatures. Although biofilm incubated at different depths in the summer experienced
different temperature regimes, the shift in FA proportions was not evident suggesting that depth-
related differences in temperature may not be substantial enough to induce temperature
adaptation in biofilm microbes. The depth-related variation in biofilm FA has important
implications for the access of physiologically important PUFA for biofilm grazers, especially

those that have depth-related distribution patterns.

The basic understanding of the importance of biofilm as a source of physiologically-
important FA to grazers and the factors that influence their nutritional quality is limited. This
study supports seasonal differences in PUFA reported in previous studies but also demonstrates
the decrease of biofilm PUFA content (standardized for AFDW) with increasing depth. Common
biofilm grazers, such as insect larvae (Thorp & Diggins 1982; Wissinger 1988), nematodes, and
oligochaetes (Schroeder et al. 2013; Kreuzinger-Janik et al. 2015) have been shown to have
higher abundance at shallower depths in the littoral zone of lakes. The biomass and PUFA
content of emerging amphibiotic insects has also been shown to decrease in deeper waters

(Martin-Creuzburg et al. 2017). Although other factors may influence the depth distribution of
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biofilm grazers, the higher nutritional quality (per mg AFDW) observed in shallow biofilm may
explain the spatial abundance patterns of some biofilm grazers. The differences in biofilm PUFA
content between depths may have cross-ecosystem implications as amphibiotic insects (e.g.,
chironomids) that feed on aquatic biofilm have been shown to transfer substantial amounts of

PUFA to terrestrial ecosystems (Martin-Creuzburg et al. 2017).

Grazing abundance and pressure was not captured in this study, however, grazing is an
important top-down biotic factor that can control biofilm quantity and quality. The presence of
grazers, such as snails (Hunter 1980; Jacoby 1985; Tuchman & Stevenson 1991; Rosemond et al.
1993) and the larvae of caddisflies (Lamberti & Resh 1983; Lamberti et al. 1987), mayflies
(Colletti et al. 1987; Hill & Knight 1987; Scrimgeour et al. 1991), and chironomids (Mason &
Bryant 1975; Eichenberger & Schlatter 1978) has been shown to decrease the overall, and
specifically, the algal biomass within freshwater biofilm. Grazing can also decrease the absolute
nutrient amount per unit area of biofilm (Jacoby 1985; Mazumder et al. 1989) as algal biomass is
typically reduced. In response to grazing, however, the phosphorus and nitrogen content
percentage typically increase (Hunter 1980; Mulholland et al. 1991; Rosemond 1993; Rosemond
et al. 1993), which may be related to the ability of grazers to also remove low-nutrient senescent
cells from a biofilm. The selectivity of grazers may also alter the community composition of
microbes within a biofilm (Steinman 1996), which may potentially alter the FA, specifically, the
PUFA content of biofilm left behind.

Previous studies measuring biofilm quantity and FA content, like this study, typically
collect biofilm remaining on a surface after an incubation period, however, biofilms can also be
thought of as “cell factories” constantly releasing cells into the environment (Berlanga &
Guerrero 2016). The overall biomass and FA content that is retained and released by biofilms
would represent the true yield, a productivity or rate measurement rather than a static (i.e.,
standing stock) measurement and would help us to more fully understand the importance
biofilms as an energy and nutrient source in aquatic food webs. Future studies should also
specifically examine the effect of grazing (i.e., unprotected versus grazer-protected tiles), in
combination with season and depth, to determine the distribution of PUFA within aquatic
biofilms. A future study manipulating both depth and grazing and examining FA profiles will
contribute to a more comprehensive understanding of the availability of physiologically-

important FA in aquatic ecosystems.
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Chapter 4
Summary and Research Recommendations

4.1 Summary

In recent decades, the scientific community has come to a consensus on the reality of
anthropogenic climate change (Cook et al. 2013, 2016) and have, increasingly, focused on its
potential ecological effects (Parmesan & Yohe 2003). Freshwater ecosystems support ~6% of all
described species, although only covering 0.8% of the Earth’s surface (Dudgeon et al. 2006), and
are predominately small (< 1 km?) waterbodies (Downing et al. 2006) that are strongly
influenced by warming air temperature (Gerten & Adrian 2001; Morrill et al. 2005). Accelerated
warming has already been observed in shallow waters during summer months (Coats et al. 2006;
Hampton et al. 2008) and current projections estimate the GMST to be up to 4.8°C warmer by
the end of the decade (Collins et al. 2013). Warmer water temperatures are predicted to induce
homeoviscous adaptation, a biochemical response to temperature, which, if realized, would
reduce the proportion of PUFA in phytoplankton worldwide (Hixson & Arts 2016). This is
significant because phytoplankton constitute a substantial portion of the autotrophic base of
aquatic food webs and are the major producers of physiologically-important n-3 LC-PUFA
(Hixson et al. 2015) for higher consumers.

Certain PUFA, especially EPA and DHA, are considered essential fatty acids (i.e., EFA)
because higher trophic level organisms cannot synthesize them efficiently. They are, however,
necessary for overall health of both vertebrates and invertebrates and must therefore be obtained
from the diet. Limited work has been done to determine the effects of warming temperatures on
multiple trophic levels, especially within the context of PUFA in a natural system. Therefore, the
first objective of this thesis was to attempt to measure the effects of warming water temperatures
on the production of EFA at the base of aquatic food webs and then to assess their transfer

through the food web, as well as their re-distribution from aquatic to terrestrial ecosystems.

Laboratory studies have demonstrated a clear reduction of PUFA proportions at higher
temperatures (e.g., Renaud et al. 2002; Teoh et al. 2004; Fuschino et al. 2011). However, this
physiological response has not been examined in a natural system as in general, temperature

manipulation in large-scale (>10* L) mesocosms have not been conducted (Stewart et al. 2013).
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Chapter 2 describes the methodology, parameters measured, and the efficiency of the heating
system that was achieved in a large-scale in-situ temperature manipulation experiment. Briefly, I
used custom-built pond curtains to divde a small pond into two large sections (~300,000 L) that
acted as an experimental and control mesocosms. A piping system, consiting of plastic and
aluiumum pipes, was deployed into the experimental section and was connected to a pool heater
and pump to warm the experimental mesocosm to 4°C above the control mesocosm. I planned to
collected organisms from several key taxa and from various trophic positions during the
experiment to measure the effect of warming temeprature on PUFA production (i.e.,
phytoplankton and biofilm), transfer (i.e., zooplankton, insect larvae, and minnows), and re-
distribution (i.e., adult insects). | also planned to determine the effect of warming temperatures
on ecosystem-wide mercury dynamics and Daphnia metabolomics. Hourly temperature
measurements concluded that warming was accomplished near the bottom of the pond (i.e., 0.5
m from the sediment), however, no differences in temperature were observed throughout the
water column. Results and conclusions obtained from this study can, and should, be used for

future experimental designs that aim to simulate warmer water temperatures in a natural system.

Water temperature and underwater light climate are two important abiotic factors that
influence the quantity and nutritional quality of aquatic biofilm (see Chapter 1). Aquatic biofilm
growing in different seasons and along a depth gradient will be exposed to different abiotic
environments, which may ultimately alter their biomass and nutritional quality (i.e., PUFA
content). Isotope studies have demonstrated the importance of biofilm as a basal resource of
energy to higher consumers (Vander Zanden & Vadeboncoeur 2002; Lau et al. 2009). In
addition, PUFA, especially EPA which is found in high proportions within diatom-dominated
biofilms, has been suggested to have physiological importance in insect larvae (Torres-Ruiz et al.
2010). The larvae abundance (Schroeder et al. 2013) and emergence (Martin-Creuzburg et al.
2017) of amphibiotic insects, such as chironomids, vary along a depth gradient. The magnitude
(e.g., Martin-Creuzburg et al. 2017) and biological importance (e.g., Twining et al. 2016) of the
PUFA export from aquatic to surrounding terrestrial environment via amphibiotic insects has
recently been established. Therefore, the quantity and nutritional quality of biofilm between
depths may explain grazer abundance and determine the availability of physiologically-important
fatty acids in both aquatic and terrestrial ecosystems. The second objective of this thesis was
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therefore to addresses the effect of season and water depth, and associated abiotic factors, on the

quantity and nutritional quality of aquatic biofilm.

The effect of season and depth on biofilm quantity has been examined in several systems,
however, their influence on biofilm PUFA content has not been explored thoroughly. Chapter 3
describes the relationship between season depth and biofilm biomass, as well FA profile and
PUFA content. Briefly, tiles were incubated at six different depths (i.e., 25, 50, 75, 100, 125, and
150 cm from the surface), replicated in three transects across a small pond during both summer
and fall months. Both traditional ex-situ (i.e., DW and AFDW) and in-situ (i.e., CLSM) methods
were used to measure biofilm biomass. Differences in the results obtained from both methods
highlight the advantages of each technique and importance of using both to measure the
influence of important abiotic factors on biofilm biomass. Seasonality greatly influenced aquatic
biofilm as greater DW and AFDW was observed in the summer but greater content of PUFA
(standardized for mass of organic matter) were observed in the fall. The overall yield of PUFA,
however, was higher in the summer, overall and specifically at greater depths. A maximum
PUFA yield observed in fall biofilm incubated at 100 cm may suggest an optimal combination of
environmental factors, resulting in a balance between biofilm quantity and nutritional quality.
Fall biofilm also had higher proportions of MUFA and PUFA, potentially indicating a
temperature-induced biochemical response to colder water temperatures. Although water
temperatures also differed between summer depths, a similar pattern between proportions was
not observed suggesting that small differences between depths do not induce homeoviscous

adaptation.

Biofilm incubated at greater depths did however have higher biomass but lower PUFA
content, especially during summer months. Higher AFDW observed on deeper tiles in summer
may be related to the deposition of pelagic phytoplankton, especially diatoms (indicated by the
high abundance of 18:1n-9). The findings of this study supplement the current knowledge on the
relationship between depth and biofilm biomass, which has varied between studies. The FA
content of depth-distributed biofilm between seasons also add to the limited dataset of biofilm
FA profiles. The results from this study can also provide a plausible explanation to some
observations of higher grazer abundance near the water surface as this may be related to the
nutritional quality of biofilm, their food source for physiologically-important PUFA.
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4.2 Research Recommendations

It is important to understand the physiological impact of warming temperatures on
freshwater ecosystems in order to fully assess potential consequences of climate change. In-situ
mesocosms are an essential tool in determine potential effects of warming temperatures in
natural system as they provide a balance design between control and realism. The experimental
setup discussed in Chapter 2 was designed with the purpose of measuring biochemical effects of
several trophic levels from primary producers to top predators, within the limits of the pond’s

isolated location.

| suggest the following modifications for any future attempts to manipulate temperature
of large mesocosms. Although directly circulating pond water into a heater would be a more
effective method to transfer heat to the system, I would recommend using an indirect heating
method so microscopic organisms (i.e., phytoplankton and zooplankton) are not exposed to
extremely high temperatures. The indirect heating design (i.e., piping system) has been used in
smaller mesocosms (McKee et al. 2000), however, its limited heat transfer efficiency would limit
its usage in very large aquatic systems. To compensate, a shallow pond (e.g., <1 m) with a
smaller volume (< 300,000 L) should be selected to ensure the entire water column can be
efficiently heated. Finally, a propane heater attached to the piping system would be more
efficient than an electrical heater by creating a larger temperature difference between water
circulating in the pipes and the pond water, without being limited by local electrical restrictions.
The objectives and methodology applied in this thesis should be applied in future mesocosm

experiments in order to understand ecosystem-wide repercussions of warming temperatures.

Despite the challenges associated with large-scale mesocosms, they are important in
confirming laboratory results and determining realistic consequences of warmer temperatures
within the context of an entire ecosystem. Interestingly, the effect of warming temperature on
aquatic biofilm has also not been fully explored. Despite their important at the base of freshwater
food webs, content of physiologically-important PUFA, and several studies demonstrating that
temperature may influence PUFA content in biofilm (e.g., Guo et al. 2015; Honeyfield &
Maloney 2015). An increase in MUFA and PUFA proportions in fall biofilm was also reported in
Chapter 3, which highlights the importance of studying natural variation in biofilm quantity and

quality, as well as incorporating biofilms into future climate change studies.
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Freshwater biofilms provide grazers with physiologically-important fatty acids (i.e., EPA
and DHA) confirming their importance as a basal resource of PUFA. Season and depth were
shown to influence both biomass and PUFA content, suggesting the importance of abiotic factors
in determining availability of biofilm quantity and nutritional quality. Future studies that
incubate biofilm using artificial surfaces should also examine the effect of grazers on the aquatic
biofilm. For example, unglazed tiles should be incubated at different depths with and without
grazer-proof netting through multiple seasons. Such an experiment would allow the separation of
abiotic and biotic factors that influence aquatic biofilm and provide wholistic picture of natural
variation in biofilm quantity and nutritional quality. Finally, the discrepancies observed between
AFDW measurements with CLSM represent an opportunity for future research to determine both

large- and fine-scaled changes in aquatic biofilm exposed to different treatments.

It is evident that temperature may influence the production of physiologically-important
PUFA in freshwater systems. Collection of field-incubated samples and in-situ manipulation
experiments represent essential tools in understanding the natural variation and potential

biochemical effects of increasing water temperature, especially in a warming world.
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Appendix 1: Common Abbreviations

Abbreviation

Nomenclature (Chemical structure, if applicable)

FA
SC
LC
SFA
UFA
MUFA
PUFA
HUFA
EFA
n-3
n-6
EPA
DHA
ARA
ALA
LNA
FAME
GC
ww
DW
AFDW
MANOVA
ANOVA
EPS
PAR
uv
Chla
CLSM
GMST
PVC
HDPE
Ul
TDS
OoDO
CDOM
Tukey HSD
SD

Fatty Acid
Short-Chain
Long-Chain

Saturated Fatty Acid
Unsaturated Fatty Acid
Monounsaturated Fatty Acid
Polyunsaturated Fatty Acid
Highly Unsaturated Fatty Acid
Essential Fatty Acid
Omega-3
Omega-6
Eicosapentaenoic acid (20:5n-3)
Docosahexaenoic acid (22:6n-3)
Arachidonic acid (20:4n-6)
a-Linolenic acid (18:3n-3)
Linoleic acid (18:2n-6)
Fatty Acid Methyl Ester
Gas Chromatography
Wet Weight
Dry Weight
Ash-Free Dry Weight
Multivariate Analysis of Variance
Analysis of Variance
Extracellular Polymeric Substance
Photosynthetically Active Radiation

Ultraviolet
Chlorophyll a

Confocal Laser Scanning Microscopy
Global Mean Surface Temperature
Polyvinyl Chloride
High Density Polyethylene
Unsaturation Index
Total Dissolved Solids
Optical Dissovled Oxygen
Colored Dissolved Organic Matter
Tukey Honestly Significant Difference
Standard Deviation

111



Appendix 2: Chemical Composition of Hard COMBO Media

Constituent

Final concentration (mg/liter)

Major stocks
CaCl, - 2H0
MgSO4
K2oHPO4
NaNOs
NaHCOs3
Naz2SiOs - 9H,0
H3sBO3
KCI

Animal trace elements (ANIMATE)
LiCl
RbCl
SrClz - 6H20
NaBr
KI

Vitamins
B12 (cyanocobalamin)
Biotin (d-biotin)
Thiamine (HCI)

110.28
55.45
1.742

17.0
126.0
28.42

24.0

5.96

0.31
0.07
0.15
0.016
0.0033

0.00055
0.0005
0.1

Media components were published by Baer and Goulden (1998).
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Appendix 3: Nutrient Concentration between two Mesocosms (Control and
Experimental) and the Ambient Section

Parameter Units Ambient Control Experimental

Dissolved Inorganic Carbon mg/L 34.2 33.3 32.6
Total Nitrogen mg/L 0.38 0.43 0.45
Total Phosphorus ug/L 12.8 15 12
Chloride mg/L 24.1 24 24.4
Sulphate mg/L 21.7 21.6 21.8
Calcium mg/L 56.9 56.8 56.2
Magnesium mg/L 14.3 135 14.3
Sodium mg/L 6.01 6.13 5.98
Potassium mg/L 1.24 1.29 1.38
Nitrogen (NHz + NH4") Mg/l 34 52 60
Nitrogen (NOs + NO2") Mo/L 2 2 2

pH none 8.14 8.12 8.11
Alkalinity (Total Fixed Endpoint)  mg/L CaCOs 1.54 1.5 1.57
Alkalinity (Gran Method) mg/L CaCOz3 1.53 1.49 1.55
Conductivity puS/cm 409 400 412
Color; True TCU 1.44 1.8 1.95
Total Phosphorus ug/L 14.8 15.8 154

Water was collected on June 20", 2017 and all analyses done with standard Ontario Ministry of
the Environment and Climate Change (OMECC) protocols.
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Appendix 4: Identifiable Fatty Acids analyzed

Total Fatty Acids

Saturated Fatty Acids Polyunsaturated Fatty Acids
14:0 n-3 PUFA
15:0 18:3n-3
16:0 18:4n-3
17:0 20:3n-3
18:0 20:5n-3
19:0 22:3n-3
20:0 22:5n-3
22:0 22:6n-3
24:0

Monounsaturated Fatty Acids n-6 PUFA
14:1n-5 18:2n-6¢
15:1n-5 18:2n-6t
16:1n-7c 20:2n-6
16:1n-7t 20:3n-6
17:1n-7 20:4n-6
18:1n-7c 22:2n-6
18:1n-7t 22:4n-6
18:1n-9c¢
18:1n-9t
18:1n-12c
19:1n-12
20:1n-9
20:1n-12
22:1n-9
24:1n-9
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Appendix 5: Complete Statistical Summaries Conducted in Chapter 3

Table A5.1: ANOVA on iButton residual temperature data. Bolded p-values represent
significance.

Response df Sum of Mean F-value p value
Squares Squares
Season 1 5144329 5144329 1691000 < 0.0001
Block 2 84 42 13.850 < 0.0001
Depth 5 1682 336 110.5 < 0.0001
Season x Block 2 5 2 0.758 0.469
Season x Depth 5 1570 314 103.2 <0.0001
Block x Depth 10 144 14 4.719 < 0.0001
Residuals 114094 347105 3

115



Table A5.2: (A) MANOVA on Z-scores parameters in YSI dataset and individual ANOVA on
(B) water temperature, (C), conductivity, (D) TDS, (E) pH. (F) ODO, and (G) CDOM. Bolded p-

values represent significance.

Pillai’s

Response df F-value Num Den p value
Trace
(A)
Season 1 0.971 4624.9 6 834 < 0.0001
Block 2 0.013 0.9 12 1670 0.547
Depth 5 0.344 10.3 30 4190 < 0.0001
Season x Block 2 0.015 1.1 12 1670 0.376
Season x Depth 5 0.267 7.9 30 4190 <0.0001
Block x Depth 10 0.079 1.1 60 5034 0.256
Residuals 839
Response df SS um of Mean F-value p value
quares Squares
(B)
Season 1 3682 3682 3274.866 < 0.0001
Block 2 0 0 0.009 0.991
Depth 5 0 0 0.030 1.000
Season x Block 2 0 0 0.014 0.986
Season x Depth 5 1 0 0.221 0.954
Block x Depth 10 0 0 0.005 1.000
Residuals 839 943 1
(C) Cond
Season 1 4.02E+27 4.02E+27 15020.806 < 0.0001
Block 2 4.20E+22 2.10E+22 0.078 0.925
Depth 5 6.89E+22 1.38E+22 0.051 0.998
Season x Block 2 1.75E+23  8.77E+22 0.327 0.721
Season x Depth 5 3.20E+22  6.40E+21 0.024 1.000
Block x Depth 10 1.07E+23 1.07E+22 0.040 1.000
Residuals 839 2.25E+26 2.68E+23
(D) TDS
Season 1 6.43E+25 6.43E+25 15560.446 < 0.0001
Block 2 3.87E+20 1.94E+20 0.047 0.954
Depth 5 1.09E+21 2.18E+20 0.053 0.998
Season x Block 2 456E+21 2.28E+21 0.552 0.576
Season x Depth 5 1.30E+21 2.60E+20 0.063 0.997
Block x Depth 10 2.14E+21  2.14E+20 0.052 1.000
Residuals 839 3.47E+24 4.131e+21
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Sum of

Mean

Response df Squares Squares F-value p value
(E)
Season 1 7.31E+61 7.31E+61  306.336 <0.0001
Block 2 4.30E+59  2.15E+59 0.901 0.406
Depth 5 1.49E+60 2.97E+59 1.244 0.286
Season x Block 2 8.47TE+59  4.24E+59 1.775 0.170
Season x Depth 5 9.06E+59  1.81E+59 0.760 0.579
Block x Depth 10 1.42E+59 1.42E+58 0.059 1.000
Residuals 839 2.00E+62 2.39E+59
(F)
Season 1 12823 12823 1294.261 < 0.0001
Block 2 4 2 0.189 0.827
Depth 5 4 1 0.074 0.996
Season x Block 2 3 2 0.176 0.839
Season x Depth 5 4 1 0.088 0.994
Block x Depth 9 2 0 0.024 1.000
Residuals 838 8303 10
(G)
Season 1 794.7 794.7 779.255 <0.0001
Block 2 3.9 2.0 1.915 0.148
Depth 5 87.5 17.5 17.158 < 0.0001
Season x Block 2 0.5 0.2 0.236 0.790
Season x Depth 5 50.1 10.0 9.823 <0.0001
Block x Depth 9 9.4 1.0 1.027 0.416
Residuals 83 854.6 1.0
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Table A5.3: (A) MANOVA on underwater light dataset and individual ANOVA on (B) PAR,
(C), UV-R, (D) UV-A, and (E) UV-B. Bolded and “{” p-values represent significance and
marginally significant, respectively.

Pillai’s

Response df F-value Num Den p value
Trace
(A)
Season 1 0.828 1494.18 4 1245 <0.0001
Depth 5 1.241 112.25 20 4992 < 0.0001
Season x Depth 5 0.232 15.34 20 4992 <0.0001
Residuals 1248
Response df Sum of Mean F-value p value
Squares Squares
(B)
Season 1 1926.39 1926.39 1630.275 < 0.0001
Depth 5 424.08 84.82 71.779 < 0.0001
Season x Depth 5 11.88 2.38 2.011 0.074
Residuals 1248 1474.68 1.18
(®)
Season 1 210.57 210.573 901.469 < 0.0001
Depth 5 636.81 127.361 545.238 < 0.0001
Season x Depth 5 1.03 0.205 0.879 0.494
Residuals 1248 291.52 0.234
(D)
Season 1 236.35 236.347 1028.748 < 0.0001
Depth 5 748.37 149.673 651.483 < 0.0001
Season x Depth 5 0.5 0.101 0.4381 0.822
Residuals 1248 286.72 0.230
(E)
Season 1 6.562 6.562 272.047 < 0.0001
Depth 5 12.399 2.480 102.805 < 0.0001
Season x Depth 5 0.393 0.079 3.256 <0.01
Residuals 1248 30.103 0.024
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Table A5.4: (A) MANOVA on Z-scores parameters in CLSM dataset and individual ANOVA
on (B) bio-volume, (C) mean thickness, and (D) roughness coefficient. Bolded and “1” p-values
represent significance and marginally significant, respectively.

Pillai’s

Response df F-value Num Den p value
Trace
(A)
Season 1 0.538 95.035 4 326 <0.0001
Block 2 0.195 8.830 8 654 <0.0001
Depth 5 0.596 11.510 20 1316 < 0.0001
Season x Block 2 0.281 13.353 8 654 < 0.0001
Season x Depth 5 0.338 6.074 20 1316 <0.0001
Block x Depth 10 0.275 2.430 40 1316 < 0.0001
Residuals 329
Response df SS um of Mean F-value p value
quares Squares
(B)
Season 1 0.770 0.773 2.251 0.134
Block 2 9.830 4913 14.306 <0.0001
Depth 5 78.110 15.623 45.489 < 0.0001
Season x Block 2 18.110 9.055 26.365 < 0.0001
Season x Depth 5 4.100 0.820 2.386 0.038
Block x Depth 10 17.560 1.756 5.114 < 0.0001
Residuals 329 113.0 0.343
€
Season 1 135.700 135.740 15.694 < 0.0001
Block 2 132.400 66.190 7.654 <0.001
Depth 5 1524.300 304.860 35.249 < 0.0001
Season x Block 2 53.500 26.740 3.092 0.047
Season x Depth 5 163.800 32.750 3.787 <0.01
Block x Depth 10 228.200 22.820 2.639 <0.01
Residuals 329 2845.5 8.650
(D)
Season 1 0.071 0.071 1.802 0.180
Block 2 0.802 0.401 10.137 < 0.0001
Depth 5 9.979 1.996 50.478 <0.0001
Season x Block 2 1.229 0.615 15.546 <0.0001
Season x Depth 5 0.606 0.121 3.067 <0.01
Block x Depth 10 1.579 0.158 3.993 < 0.0001
Residuals 329 13.0 0.040
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Table A5.5: Individual ANOVA on (A) dry weights (B) moisture content, (C) AFDW, and (D)
organic percentage. Bolded and “1” p-values represent significance and marginally significant,
respectively.

Response df Sum of Mean F-value p value
Squares Squares
(A)
Season 1 0.001458  0.001458  482.422 < 0.0001
Block 2 0.000049  0.000024 8.053 <0.001
Depth 5 0.000459  0.000092 30.361 < 0.0001
Season x Block 2 0.000010  0.000005 1.624 0.203
Season x Depth 5 0.000448  0.000090 29.633 <0.0001
Block x Depth 10  0.000051  0.000005 1.698 0.095
Residuals 82  0.000248 0.000003
(B)
Season 1 1.33E+40 1.33E+40 1693.757 < 0.0001
Block 2 450E+38 2.25E+38 28.615 < 0.0001
Depth 5 1.15E+39  2.31E+38 29.361 < 0.0001
Season x Block 2 1.59E+38 7.97E+37 10.132 <0.001
Season x Depth 5 1.37E+39  2.74E+38 34.810 < 0.0001
Block x Depth 10 2.78E+38 2.78E+37 3.532 <0.001
Residuals 82  6.45E+38 7.86E+36
€
Season 1 1.85E-05  1.85E-05  121.468 < 0.0001
Block 2 1.13E-07  5.60E-08 0.370 0.70
Depth 5 1.16E-05  2.32E-06 15.258 < 0.0001
Season x Block 2 8.85E-07  4.43E-07 2.907 0.101
Season x Depth 5 9.23E-06  1.85E-06 12.122 <0.001
Block x Depth 10 1.33E-06  1.33E-07 0.874 0.58
Residuals 10 1.52E-06  1.52E-07
(D)
Season 1 0.014831  0.014831  600.384 < 0.0001
Block 2 0.002628  0.001314 53.197 < 0.0001
Depth 5 0.000343  0.000069 2.774 0.080 f
Season x Block 2 0.000299  0.000150 6.056 0.019
Season x Depth 5 0.001425  0.000285 11.536 <0.001
Block x Depth 10  0.000511  0.000051 2.071 0.133
Residuals 10  0.000247  0.000025
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Table A5.6: (A) MANOVA on summer nutritional quality parameters individual ANOVA on
(B) . n-3 PUFA, (C) > n-6 PUFA, and (D) EPA+DHA content. Individual ANOVA are also
presented for (E) 16:1n-7 and (F) > Odd-chained FA. Bolded p-values represent significance.

Pillai’s

Response df Trace F-value Num p value
(A)
Block 2 0.681 1.549 6 0.219
Depth 5 1.737 2.749 15 <0.01
Residuals 10
Response df Sum of Mean F-value p value
Squares Squares
B)
Block 2 0.004 0.002 0.005 0.995
Depth 5 18.978 3.796 8.891 <0.01
Residuals 10 4.269 0.427
(©®)
Block 2 0.073 0.037 1.696 0.232
Depth 5 0.425 0.085 3.954 0.031
Residuals 10 0.2152 0.02152
(D)
Block 2 0.005 0.002 0.010 0.990
Depth 5 13.493 2.699 12.074 < 0.001
Residuals 10 2.235 0.224
(B)
Block 2 2.119 1.060 8.296 <0.01
Depth 5 15.901 3.180 24.900 < 0.0001
Residuals 10 1.277 0.128
(F)
Block 2 0.002 0.001 5.127 0.029
Depth 5 0.012 0.002 10.878 < 0.001
Residuals 10 0.002 0.0002
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Table A5.7: (A) MANOVA on fall nutritional quality parameters individual ANOVA on (B) Y
n-3 PUFA, (C) > n-6 PUFA, and (D) EPA+DHA content. Individual ANOVA are also presented
for (E) 16:1n-7 and (F) > Odd-chained FA. Bolded and “t” p-values represent significance and
marginally significant, respectively.

Response df Pillat’s F-value Num p value
Trace
(A)
Block 2 1.510 9.252 6 <0.001
Depth 5 1.398 1.745 15 0.095 *
Residuals 10
Response df Sum of Mean F-value p value
Squares Squares
B)
Block 2 3.605 1.803 3.976 0.054 f
Depth 5 3.063 0.613 1.351 0.320
Residuals 10 4534 0.4534
(©®)
Block 2 0.070 0.035 1.073 0.378
Depth 5 1.492 0.298 9.128 <0.01
Residuals 10 0.327 0.033
(D)
Block 2 2.101 1.050 6.541 0.015
Depth 5 3.452 0.690 4.298 0.024
Residuals 10 1.606 0.161
(B)
Block 2 8.127 4.064 4.006 0.053 F
Depth 5 17.685 3.537 3.487 0.044
Residuals 10 10.143 1.014
(F)
Block 2 0.007 0.003 0.219 0.807
Depth 5 0.037 0.007 0.502 0.769
Residuals 10 0.148 0.015
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Table A5.8: (A) MANOVA on summer summary indices parameters and individual ANOVA on
(B) > FA, (C) 3, SFA, (D) >. MUFA, (E) > PUFA. Individual ANOVA were included for (F)
Ul, (G) 18:1n-9 content, and (H) n3:n6 ratio. B Bolded and “1” p-values represent significance
and marginally significant, respectively.

Response df Pillai’s Trace F-value Num p value
(A)
Block 2 1.404 2.355 12 0.076 T
Depth 5 3.145 2.544 30 <0.01
Residuals 10
Response df Sum of Mean F-value p value
Squares Squares
(B)
Block 2 6.830 3.417 1.256 0.326
Depth 5 147.730 29.547 10.863 < 0.001
Residuals 10 27.200 2.720
€)
Block 2 1.665 0.832 4.153 0.049
Depth 5 10.381 2.076 10.359 <0.01
Residuals 10 2.004 0.200
(D)
Block 2 2.812 1.406 6.050 0.019
Depth 5 18.140 3.628 15.612 < 0.001
Residuals 10 2.324 0.232
(E)
Block 2 0.109 0.055 0.088 0.916
Depth 5 24.178 4.836 7.804 <0.01
Residuals 10 6.196 0.620
(F)
Block 2 1.380 0.689 0.047 0.954
Depth 5 744.950 148.989 10.212 <0.01
Residuals 10 145.890 14.589
(G)
Block 2 0.044 0.022 4.045 0.052 F
Depth 5 0.156 0.031 5.771 <0.01
Residuals 10 0.054 0.005
(H)
Block 2 0.048 0.024 1.321 0.310
Depth 5 1.214 0.243 13.346 <0.001
Residuals 10 0.182 0.018
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Table A5.9: (A) MANOVA on fall summary indices parameters and individual ANOVA on (B)
> FA, (C) 3. SFA, (D) >. MUFA, (E) > PUFA. Individual ANOVA were included for (F) UI,
(G) 18:1n-9 content, and (H) n3:n6 ratio. Bolded and “i” p-values represent significance and
marginally significant, respectively.

Response df Pillai’s Trace  F-value Num Den p value
(A)
Block 2 1.649 4.694 12 12 <0.01
Depth 5 2.603 1.629 30 45 0.068 ¥
Residuals 10
Response df Sum of Mean F-value p value
Squares Squares
B)
Block 2 40.820 20.410 2.204 0.161
Depth 5 171.680 34.340 3.708 0.037
Residuals 10 92.610 9.260
(©®)
Block 2 2.713 1.356 1.868 0.205
Depth 5 17.984 3.597 4,953 0.015
Residuals 10 7.262 0.726
(D)
Block 2 8.994 4.497 2.329 0.148
Depth 5 40.328 8.066 4177 0.026
Residuals 10 19.311 1.931
(B)
Block 2 4.679 2.339 3.273 0.081 %
Depth 5 7.810 1.562 2.185 0.137
Residuals 10 7.148 0.715
(F)
Block 2 148.790 74.395 3.124 0.088 ¥
Depth 5 191.810 38.363 1.611 0.243
Residuals 10 238.130 23.814
(G)
Block 2 0.824 0.412 3.635 0.065 ¥
Depth 5 4,993 0.999 8.817 <0.01
Residuals 10 1.133 0.113
(H)
Block 2 0.030 0.015 1.016 0.397
Depth 5 3.355 0.671 45.804 < 0.0001
Residuals 10 0.147 0.015
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